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ABSTRACT: Microalgae are the primary producers of omega-3 LC-PUFA, which are known for their health benefits. Their oil
may thus be a potential alternative for fish oil. However, oxidative and hydrolytic stability of omega-3 LC-PUFA oils are
important parameters. The purpose of this work was therefore to evaluate these parameters in oils from photoautotrophic
microalgae (Isochrysis, Phaeodactylum, Nannochloropsis gaditana, and Nannochloropsis sp.) obtained with hexane/isopropanol (HI)
and hexane (H) and compare them with commercial omega-3 LC-PUFA oils. When the results of both the primary and
secondary oxidation parameters were put together, it was clear that fish, tuna, and heterotrophic microalgae oil are the least
oxidatively stable oils, whereas krill oil and the microalgae oils performed better. The microalgal HI oils were shown to be more
oxidatively stable than the microalgal H oils. The hydrolytic stability was shown not to be a problem during the storage of any of
the oils.
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■ INTRODUCTION

The omega-3 long-chain polyunsaturated fatty acids (omega-3
LC-PUFA), especially eicosapentaenoic acid (EPA, C20:5n-3)
and docosahexaenoic acid (DHA, C22:6n-3), were shown to
provide significant health benefits when consumed regularly.1

However, the recommended daily intake is in most countries of
the world not reached,2 mainly due to the low consumption of
the main commercial source, fish, of which it is also known that
stocks are decreasing.3 Photoautotrophic microalgae are the
primary producers of EPA and DHA and are thus suggested as
the most promising alternative sources. Omega-3 LC-PUFA
intake from this new source may be achieved by extracting the
oil from the microalgal biomass and by subsequently adding it
to different foodstuffs or using it as a supplement. Ryckebosch
et al.4 showed that food grade lipid extracts of different
microalgae, such as Isochrysis (for DHA), Nannochloropsis, and
Phaeodactylum (for EPA), contain a significant amount of
omega-3 LC-PUFA and indeed have potential as an alternative
to fish oil on the basis of their chemical composition.
However, not only is the composition of the oil important,

but the obtained microalgal oils should also be stable during
storage. After all, it is known that omega-3 LC-PUFA are easily
oxidized, leading to off-flavors, a decrease of the nutritional
value, and even formation of potentially toxic compounds.5

Different studies showed that oxidation of fish oil occurs
reasonably quickly, but decreases when the oil is stored at lower
temperature.6−8 Krill oil is, because of its high antioxidant
capacity,9 always referred to as an oxidatively stable omega-3
LC-PUFA oil, showing no oxidation during 30 days of storage
at room temperature.10 In photoautotrophically cultivated
microalgae, a wide range of compounds, including carotenoids,
phenolic compounds, tocopherols, and polysaccharides, that
potentially work as antioxidants have been identified.11−14 Co-
extraction of (some of) these compounds may be why
microalgal total lipid extracts showed a higher antioxidant
capacity than fish oil.15 However, to the best of our knowledge,
the oxidative stability of photoautotrophic microalgae oils has
until now never been investigated.
Previous research also showed that storage of microalgal

biomass leads to lipid hydrolysis: especially when the
microalgae are stored as a wet paste at temperatures above
the freezing point,16 but even spray- and freeze-dried microalgal
biomass will hydrolyze during storage.17 It is, however, not
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known whether the hydrolytic enzymes are coextracted and
whether they still work in the oily environment.
The purpose of this work was therefore to evaluate the

oxidative and hydrolytic stability of omega-3 LC-PUFA-rich
microalgae oils obtained with the food grade solvents hexane/
isopropanol (3:2) or hexane. The following species were used:
Isochrysis galbana, Phaeodactylum tricornutum, and Nannochlor-
opis gaditana as well as Nannochloropsis sp. The oils extracted
therefrom were compared with four fresh commercially
available omega-3 LC-PUFA oils: fish oil, tuna oil, hetero-
trophic DHA-rich algal oil (DHA-S oil), and krill oil. The
oxidative stability was not evaluated by measuring the
antioxidant capacity, but by following specific markers for
lipid and omega-3 LC-PUFA oxidation during 8 weeks of
storage at 37 °C.

■ MATERIAL AND METHODS
Chemicals. Solvents included n-hexane p.a. 99% (Chem-Lab,

Zedelgem, Belgium), 2-propanol HPLC 99.5% (Acros, Thermo Fisher
Scientific, Geel, Belgium), and chloroform HPLC and methanol super
gradient HPLC (Labscan, Boom B.V., Meppel, The Netherlands).
Reagents included xylenol orange disodium salt p.a., iron(II)sulfate,

and barium chloride (Sigma-Aldrich, Bornem, Belgium) as well as
anhydrous iron(III)chloride (Merck, VWR, Leuven, Belgium).
The internal standard was lauric acid (Nu-check Prep, Elysian, MN,

USA).
Microalgae and Commercial Omega-3 LC-PUFA Oils. Biomass

of omega-3 LC-PUFA producing photoautotrophic microalgae was
obtained from European companies: in-house N. gaditana and Pt1 8.6
(CCMP2561) P. tricornutum from LGem (Voorhout, The Nether-
land); in-house Nannochloropsis sp. and I. galbana from Proviron
(Hemiksem, Belgium). The biomass composition of these microalgae
was given earlier.4 The four microalgae were extracted with two food
grade solvent systems, hexane/isopropanol (HI, 3:2) and hexane (H).
These solvents were chosen because the former showed to be the best
nonhalogenated solvent mixture, whereas the latter is currently the
most commonly used to extract vegetable oils.18 For the extraction, 6
mL of the solvent (mixture) was added to 100 mg of freeze-dried
microalgae, followed by cell disruption with a bead beater, twice for 60
s at 30 Hz. Subsequently, the biomass was extracted four times with
the extraction (solvent) mixture. The extraction on a 100 mg scale was
repeated in 28-fold or more, and all of the extracts were combined to
obtain enough microalgal oil for the whole setup. No further refining
was conducted on these oils. The extraction yield and percentage lipid
recovery for each combination of microalgae and solvent are reported
in Table 1 as is the composition of the oils. The methodologies used to
determine the lipid class content, the omega-3 LC-PUFA content, and
the carotenoid content are mentioned below.
Fresh 18/12 refined fish oil made from anchovy, mackerel, and

sardines, tuna oil, DHA-rich oil from Schizochytrium sp. (DHA-S oil),
and krill oil were obtained from Bioriginal (Den Bommel, The
Netherlands). These oils were fully processed according to state of the
art methods. For fish, tuna, and DHA-S oils, this means extraction
from their biomass and refining and deodorization, including removal
of phospholipids, free fatty acids (FFAs), heavy metals, PCBs, dioxins,
etc. For krill oil this means extraction from the biomass, normally
without further refining. The oils were stored at −20 °C until the
storage test started. The composition of the oils is provided in Table 1.
The methodologies used to determine the lipid class content, the
omega-3 LC-PUFA content, and the carotenoid content are
mentioned below.
Storage test. The eight obtained microalgal oils and the four fresh

commercial oils (10−15 mg) were stored at 37 °C in 20 mL amber
screw-cap vials for headspace analysis for 8 weeks without taking extra
precautions to prevent oxidation. This way a slightly accelerated
oxidation was induced, allowing differences in oxidative stability to be
measured in a reasonable time frame. Three parameters were
monitored during storage. To study the oxidative stability, the primary

oxidation products were determined by measuring the peroxide value
(PV), whereas the secondary oxidation products were studied by
measuring volatile components using HS-SPME-GC-MS, both at
specific time points (t = 0, 1, 2, 4, 6, and 8 weeks) during storage.
Furthermore, the hydrolytic stability was studied by measuring the free
fatty acid content at the beginning and end of the storage test. The
methods used to determine the different parameters are described
below. At each time point two vials for each analysis type were
transferred to −80 °C until analysis. The mean and standard deviation
of the two repetitions are each time reported.

Analysis of Lipid Class Content. The lipid class content (neutral
lipid, glycolipid, and phospholipid contents) of the extracts was
determined using silica solid phase extraction (SPE) as previously
described in Ryckebosch et al.19 Briefly, the SPE column is
conditioned with 10 mL of chloroform. Then, approximately 10 mg
of lipids in 100 μL of chloroform is applied to the column. Elution
with 10 mL of chloroform yields the nonpolar lipids, 10 mL of acetone
gives the glycolipid fraction, and 10 mL of methanol yields the
phospholipids. The lipid class content was determined in triplicate.

Analysis of Fatty Acid Content and Composition. To
determine the fatty acid content, the lipid extracts were methylated
with 1% sulfuric acid in methanol, followed by extraction of the
required methyl esters with hexane, according to the method of
Christie20 with slight adjustments previously described by Ryckebosch
et al.19 The obtained fatty acid methyl esters (FAMEs) were separated
by gas chromatography with cold on-column injection and flame
ionization detection (FID) (Trace GC Ultra, Thermo Scientific,
Interscience, Louvain-la-Neuve, Belgium). An EC Wax column of
length 30 m, i.d. 0.32 mm, film 0.25 μm (GRACE, Lokeren, Belgium)
is used with the following time−temperature program: 70−180 °C (5
°C/min), 180−235 °C (2 °C/min), 235 °C (9.5 min). Peak areas are
quantified with Chromcard for Windows software (Interscience).
FAME standards (Nu-check) containing a total of 35 different FAMEs
are analyzed for provisional peak identification, which are then
confirmed by use of GC-MS (Trace GC Ultra, ISQ single-quadrupole
MS, Thermo Scientific, Interscience) using an Rxi-5 Sil MS column of
length 20 m, i.d. 0.18 mm, film 0.18 μm (Restek, Interscience).
Quantitative and qualitative determination of the fatty acids was
performed in triplicate.

Analysis of Carotenoid Composition and Content. For the
determination of the carotenoid content and composition, 2 mg of the
extract was dissolved in 10 mL of methanol. This solution and a 1/10
dilution were analyzed by high-performance liquid chromatography
(HPLC) coupled to a photodiode array detector (PAD) (Alliance,
Waters, Zellik, Belgium) according to the method of Wright et al.21

For quantification, calibration curves were composed for each
carotenoid. Alloxanthin, diadinoxanthin, diatoxanthin, lutein, neo-
xanthin, violaxanthin, and zeaxanthin were purchased from DHI
(Hørsholm, Denmark). β-Carotene was purchased from Sigma-Aldrich
(Bornem, Belgium). When the area of a carotenoid exceeded the
calibration curve, the 1/10 dilution was used to quantify. The analysis
was performed in triplicate.

Analysis of Primary Oxidation Products: Peroxide Value. The
PV was determined by measuring iron oxidation (FOX) according to
the method of Wrolstad et al.22 with some adjustments. Microalgal or
commercial oils (10−15 mg) were dissolved in chloroform/methanol
7:3 (9.9 mL), and the absorbance of this mixture at 560 nm forms the
blank of the sample. Subsequently, a xylenol orange solution (10 mM,
50 μL) was added to the sample solution and homogenized, and then
an iron(II) chloride solution (50 μL) was added and homogenized
again. After exactly 5 min, the absorbance of this solution was
determined at 560 nm. PV (expressed as mequiv active oxygen/kg
sample) was calculated using the equation

= − × × ×A A m WPV [( ) ]/( 55.84 2)S B i

where AS is the absorbance of the sample, AB is the absorbance of the
blank, mi is the inverse of the slope (i.e., 1/slope) obtained from a
standard curve of iron(III), W is the weight of the sample (g), and
55.84 is the atomic weight of iron.
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When polymerization had occurred in the oil, it was no longer
soluble in chloroform/methanol, and thus the measurement could no
longer be performed. This was the case with fish and tuna oil from t =
2 weeks and with DHA-S oil from t = 6 weeks.
Analysis of Secondary Oxidation Products: Volatiles with

Headspace−Solid Phase Microextraction−Gas Chromatogra-
phy−Mass Spectrometry (HS-SPME-GC-MS). The isolation of the
volatiles originating from lipid oxidation was performed with an
autosampler (multi-PurposeSampler or MPS, Gerstel, Mülheim an der
Rur, Germany), equipped with a headspace−solid phase micro-
extraction unit. The conditions were as follows: the microalgal or
commercial oil in the hermetically sealed 20 mL vials was incubated
for 30 min at 60 °C in a thermostated agitator. Afterward, the
headspace was extracted on a well-conditioned CAR/DVB/PDMS

SPME fiber (Supelco, Sigma-Aldrich N.V., Bornem, Belgium) for 35
min at 60 °C. The volatiles were then analyzed with GC-MS, using
splitless injection, helium as a carrier gas (1 mL/min), and a cross-
linked methyl silicone column (HP-PONA), of length 50 m, i.d. 0.20
mm, film thickness 0.5 μm (Agilent Technologies, Diegem, Belgium).
The following temperature program was applied: 40 °C (5 min), from
40 to 250 °C (5 °C/min), 250 °C (5 min). Injector and transfer lines
were maintained at 250 and 280 °C, respectively. The total ion current
(70 eV) was recorded in the mass range from 40 to 250 amu (scan
mode) using no solvent delay and a threshold of 50.

Identification of volatile organic compounds in the headspace was
performed using the Wiley 275 library. Because of their link with
oxidation of omega-3 LC-PUFA,6,23−25 the following volatile indicator
components were chosen to follow in time: (E,E)-2,4-heptadienal,

Figure 1. Peroxide value (in mequiv active oxygen/kg oil; mean ± SD; n = 2) as a function of storage time at 37 °C of the different microalgal oils,
obtained with hexane/isopropanol (HI) and hexane (H), and the commercial omega-3 LC-PUFA oils.
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Figure 2. continued
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(Z,E)-3,5-octadien-2-one, and (E,E)-3,5-octadien-2-one. The semi-
quantitative concentrations of the identified volatile compounds were
expressed as grams of hexanal equivalents per cubic meter and
calculated as the area of the volatile indicator component divided by
the response factor of the external standard hexanal.
When polymerization had occurred in the oil, the HS-SPME-GC-

MS measurement was no longer relevant. This was the case with fish
and tuna oil from t = 2 weeks and with DHA-S oil from t = 6 weeks.
Analysis of Hydrolysis Products: Free Fatty Acids. The free

fatty acid content was determined according to the procedure
described by Ryckebosch et al.,17 which is based on the method for
selective formation of dimethyl amide derivatives of Kangani et al.26

Lauric acid (C12:0) in chloroform was added to the oil as an internal
standard. The dimethyl amide derivatives were analyzed on GC-FID
following the method previously described.4

At t = 8 weeks, polymerization had occurred in fish, tuna, and DHA-
S oils and thus their FFA content could not be determined.
Statistics. Results were statistically evaluated using a t test with α =

0.05 (Sigmaplot 11, Systat Software Inc., Chicago, IL, USA).

■ RESULTS

Formation of Primary Oxidation Products during
Storage of Omega-3 LC-PUFA Oils. The PV as a function
of storage time for the different microalgal and commercial oils
is shown in Figure 1. It is clear that the PVs obtained for all
microalgae oils, even when freshly extracted and hence not
oxidized, were high (mostly >20). This may be explained by the
presence of carotenoids (Table 1) and chlorophyll, absorbing at
the wavelength where measurements for PV are performed.27

Therefore, not the absolute value of the PV was used to
evaluate the oxidative stability of the oils, but the time point
when the PV started to rise as well as the slope of the curve.
When looking at the commercial oils, it was observed that

the PV of krill oil remained low, whereas for fish and tuna oils
increased PVs were already measured at week 1. Sullivan Ritter
and Budge6 also measured an increase of the PV for three fish
oils stored at 40 °C as a function of storage time, which was in
accordance with our results. Due to the large quantity of oil
stored in their experiment, the oxidation, however, occurred

Figure 2. Volatile components (in g hexanal equiv/m3; mean ± SD; n = 2) as function of storage time at 37 °C of the microalgal oils, obtained with
hexane/isopropanol (HI) and hexane (H), and the commercial omega-3 LC-PUFA oils.
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much more slowly than in our study, leading to lower PVs after
1 week. Sullivan Ritter and Budge6 also did not notice the
sudden increase as observed in our study. However, Sullivan et
al.7 did show a sudden increase of the PV of fish oil at 40 °C
immediately at the start of the storage test, whereas at 4 °C the
PV increased steeply only after some time.
The PV of DHA-S oil rose slowly until week 2 and then

suddenly rose to a high value. To better compare the oxidative
stability of krill oil, given the soft slope of the curve, the
minimum and maximum PVs were used to estimate the slope.
A value of 2.7 mequiv active oxygen/(kg sample·time) was
obtained. The results on krill oil should be looked at with care,
because it has been stated that the oxidation of krill oil occurs
through a different mechanism, not measurable through classic
methods.28,29 However, up till now not enough research has
been performed on this subject.
When the PVs of microalgal oils over time are evaluated, it is

clear that both the HI and H curves remained reasonably low
compared to fish, tuna, and DHA-S oils. However, more
primary oxidation products were formed during storage of the
hexane (H) oils compared to the hexane/isopropanol (HI) oils.
The H curves of Nannochloropsis sp. and Phaeodactylum had
increased steeply at week 4 with a higher slope for
Nannochloropsis sp. when compared to Phaeodactylum. The
curve of N. gaditana, on the other hand, did not rise until week
8. For Isochrysis the whole H curve rose to a PV of about 70
mequiv active oxygen/kg sample and fluctuated there. To
evaluate the HI curves, the same method was used as for krill
oil. The HI curve of Nannochloropsis sp. increased the most (1.9
mequiv active oxygen/(kg sample·time)), whereas that of N.
gaditana increased the least (1.1 mequiv active oxygen/(kg
sample·time)). The curves of Phaeodactylum and Isochrysis
showed an intermediate increase (1.5 and 1.3 mequiv active
oxygen/(kg sample·time), respectively). It is clear that the
stability of the different HI oils varies less than that of the
different H oils, although it seems that the order of stability
between the microalgae is similar in both HI and H oils.
In conclusion, it seems that, on the basis of the PV, the

oxidative stability of the oils increases in the following
direction: fish oil = tuna oil < DHA-S oil < microalgae H oils
< krill oil < microalgae HI oils. Furthermore, it looks like the N.
gaditana H oil is the most stable of all H oils, although the
Isochrysis H oil could not be ranked properly due to its
fluctuating course. The differences between the PV curves of
the HI oils are probably too small to rank these oils.
Formation of Secondary Oxidation Products during

Storage of Omega-3 LC-PUFA Oils. The volatile compo-
nents as markers of the omega-3 LC-PUFA oxidation, (E,E)-
2,4-heptadienal, (Z,E)-3,5-octadien-2-one, and (E,E)-3,5-octa-
dien-2-one, of the different microalgae and commercial oils as a
function of storage time are given in Figure 2. (E,E)-2,4-
Heptadienal was previously identified in DHA-enriched
triacylglycerol (TAG) fish oil and fish oil-enriched mayonnaise
and found to increase during storage.23,30−32 (E,Z)- and (E,E)-
3,5-octadien-2-one were also detected in different fish oils, fish
oil-enriched mayonnaise, and fish oil-enriched milk and
correlated well with storage time and sensory character-
istics.6,31−33

As mentioned before, the samples were no longer measured
when polymerization had occurred, which was the case for fish
and tuna oil from t = 2 weeks and for DHA-S oil from t = 6
weeks. Polymerization is to be expected as oxidation of oil
occurs, because it was already suggested as an excellent

indication of oxidation at low temperature. Furthermore, it was
shown that results on polymer content showed the same
general trend as the p-anisidine value,34 whereas a significant
increase of polymers was shown to indicate the end of the
induction period.35 Full polymerization thus shows that the
oxidation is already at an advanced stage, which can be seen as a
third parameter to track oxidation. The polymerization of fish,
tuna, and DHA-S oils thus shows that oxidation was already at
an advanced stage at t = 2 weeks and t = 6 weeks, respectively.
To evaluate the volatile components formed during time, the

same technique was applied as for the PV. The most interesting
evaluation parameters are the induction period and the slope
over time. Due to the specificity of the volatiles, the values at t
= 8 weeks could also be taken into account.
In the evaluation of krill oil, the only commercial oil that

could be measured during the whole 8 weeks of storage, it was
observed that the volatile components of krill oil showed a slow
increase starting from t = 1 week. The increase was somewhat
higher than the increase in volatiles observed during storage of
the microalgae HI oils, although somewhat lower than that of
most of the microalgae H oils. This also means that more
secondary oxidation products are formed during storage of the
H oils than during storage of the HI oils. The H oil of Isochrysis
showed the highest values for the volatiles, with values also
already increasing at t = 1 week and subsequently decreasing
after t = 6 weeks. This is a natural phenomenon of oxidation,
because formed aldehydes and other secondary oxidation
products can undergo further scission to produce carbonyls and
alkanes of shorter chain length. The H oil of N. gaditana
showed the lowest values for the volatiles of all H oils.
In conclusion, with the time at which the oils were

polymerized, the induction time for occurrence of the volatiles,
and the values of the volatiles at t = 8 weeks taken into account,
it seems that the oxidative stability of the oils increases in the
following direction: fish oil = tuna oil < DHA-S oil <
microalgae H oils < krill oil < microalgae HI oils. The N.
gaditana H oil appears to be the most stable of all H oils. The
differences between the HI oils are probably too small to rank
these oils.

Formation of Hydrolytic Products during Storage of
Omega-3 LC-PUFA Oils. The FFA content of the different
microalgal and commercial oils at the start and after 8 weeks of
storage at 37 °C is shown in Table 2. The FFA content of fish,
tuna, and DHA-S oils could not be determined after 8 weeks of
storage, because the oils were then completely polymerized.
The FFA content of the commercial oils was rather low (<5%),
which was expected because refining of the oils removes most
of them. The somewhat higher FFA content in krill oil can be
explained by the fact that krill oil is not refined to the same
extent as fish oil. The FFA content of the HI oils of both
Nannochloropsis species and Phaeodactylum is in the same range
(<5%) as the commercial oils. The FFA content of the H oils of
N. gaditana and P. tricornutum was higher, but still below 10%.
Both oils of Isochrysis contained a high amount of FFA (>20%).
Furthermore, it seems that the FFA content as a function of
storage time remains mostly constant, except for the H oil of
Isochrysis, where a decrease in the FFA content was observed.
This is probably due to the fact that the technique to determine
the FFA content was validated in a lower concentration range26

and therefore not accurate for measuring higher FFA contents
(>20%).
In conclusion, it was shown that no hydrolysis occurs during

storage of the oils. As no other studies have already investigated
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the hydrolytic stability of oils from autotrophic microalgae, this
conclusion could not be compared with the literature.

■ DISCUSSION
From the results of both the primary and secondary oxidation
parameters, as well as the time at which full polymerization
occurred, it is clear that the same conclusions could be drawn.
Fish and tuna oil were shown to be the least oxidatively stable,
whereas DHA-S oil performed somewhat better. Subsequently,
the microalgae H oils were shown to be more stable than DHA-
S oil, followed by krill oil, and the most stable oils were the
microalgae HI oils. The H oil of N. gaditana appears to be the
most stable of the microalgae H oils, whereas the microalgae HI
oils could not be ranked because of the small differences
between them.
Frankel et al.36 published similar results on the oxidative

stability of different fish oils and heterotrophic algae oils: the
commercially available fish oils were oxidized more rapidly than
the commercially available heterotrophic algae oil formulated
with tocopherols and ascorbyl palmitate. They, however, also
showed that the high oxidative stability of the heterotrophic
algae oil was completely lost after chromatographic purification
to remove tocopherols and other antioxidants. Krill oil showed
no oxidation during 30 days of storage at room temperature.10

Literature on the stability of photoautotrophic microalgae oils
was, to the best of our knowledge, not published yet.
An explanation for the differences in stability between the

oils can be found in their oil composition. During production, a
mix of tocopherols was added to fish and tuna oil to protect the
omega-3 LC-PUFA from oxidation.37,38 However, even with
these added antioxidants, they seemed to be quite unstable.

This also explains the ongoing research on increasing fish oil
stability, using microencapsulation39,40 and addition of different
antioxidants.41,42 During production of DHA-S oil, tocopherols,
ascorbyl palmitate, soy lecithin, and rosemary extract were
added. Tocopherols act as antioxidant as already discussed
above. Furthermore, a synergistic effect was observed when a
mixture of tocopherols and lecithin was added to fish oil.43,44

Rosemary extract contains natural phenolics, such as carnosic
acid and rosmarinic acid, which have widely reported42

stabilizing properties against oxidation. Ascorbyl palmitate is
another well-known antioxidant. The synergistic effect and the
extra antioxidants added can explain the higher stability of
DHA-S oil compared to fish and tuna oil. Krill oil contains the
natural fat soluble antioxidant astaxanthin, the singlet oxygen
quenching activity of which is 10 times stronger than that of
any other carotenoid such as zeaxanthin, lutein, canthaxanthin,
and β-carotene and up to 500 times stronger than that of
tocopherols.45 Furthermore, krill oil contains more than 50%
phospholipids (Table 1), which were shown to be more
oxidatively stable than triacylglycerols,46 whereas they can also
inhibit oxidation of other oils.47,48 This all can explain the
clearly higher stability of krill oil when compared to the other
commercial omega-3 LC-PUFA rich oils.
It was clear that all of the HI oils were more stable than the

H oils of the same microalga. This phenomenon cannot be
explained by the (total) carotenoid content of the microalgae
oils (Table 1), because diverse results were found: the
carotenoid content of Isochrysis and Nannochloropsis sp. was
higher in the HI oil than in the H oil, whereas for N. gaditana
and Phaeodactylum the carotenoid content in the H oil was
higher than in the HI oil. Although some carotenoids have
stronger antioxidant activity than others,49 these differences are
probably too small to explain the higher oxidative stability of all
HI oils compared to the H oils. Two other possible
explanations for the difference between the HI and H oils
can be given. First, other antioxidants, such as phenolic
compounds, can be present in the oils. Phenolic compounds,
such as flavonols, benzoic acid derivatives, and cinnamic acid
derivatives, have been shown to be present in microalgae
biomass in amounts in the same order of magnitude as
carotenoids.12,14,50 Furthermore, they were shown to have a
higher antioxidative capacity than tocopherols and carote-
noids.51 Moreover, carotenoids are particularly good at
protecting against 1O2 mediated photo-oxidation, a type of
oxidation that will not take place in this setup due to the use of
amber vials. Because the solubility of phenolic compounds was
shown to be a lot smaller in hexane than in alcohols,52 it is
expected that they are more abundant in the HI than in the H
oils, thus possibly explaining the higher oxidative stability of the
HI compared to the H oils. A second possible explanation is the
higher GL and PL content in the HI oil compared to H oil
(Table 1). After all, it has been shown that omega-3 LC-PUFAs
associated with phospholipids as well as glycolipids were more
resistant to oxidation than when they are associated with
TAGs.46,53,54 Furthermore, it was also shown that addition of
phospholipids inhibits the oxidation of other (TAG) oils.47,48

Comparison of the different microalgal H oils also clearly
showed from both PV and HS-SPME-GC-MS results that the
H oil of Nannochloropsis sp. was less stable than the H oil of N.
gaditana. Because these two microalgae contain the same
carotenoids, direct comparison of amounts was possible. The H
oil of N. gaditana clearly contained a higher content of all
carotenoids compared to the H oil of Nannochloropsis sp. This

Table 2. Free Fatty Acid Content as a Function of Storage
Time at 37 °C of the Microalgal Oils, Obtained with
Hexane/Isopropanol (HI) and Hexane (H), and the
Commercial Omega-3 LC-PUFA Oilsa

fatty acid content (mg/100 mg oil; mean ± SD;
n = 3)

t = 0 weeks t = 8 weeks

Isochrysis galbana
H 29 ± 3 b,x 20 ± 2 a,y
HI 21 ± 1 a,x 25.5 ± 0.9 a,x

Nannochloropsis gaditana
H 8.6 ± 0.5 b,x 10 ± 2 b,x
HI 2.5 ± 0.4 a,x 3.6 ± 0.2 a,x

Nannochloropsis sp.
H 5.0 ± 0.2 a,x 4.9 ± 0.6 a,x
HI 3.6 ± 0.3 a,x 3.5 ± 0.2 a,x

Phaeodactylum tricornutum
H 8.6 ± 0.5 b,x 9.1 ± 0.1 b,x
HI 4 ± 1 a,x 4.3 ± 0.3 a,x

commercial oils
fish oil 1.97 ± 0.04 b
tuna oil 2.1 ± 0.9 b
DHA-S oil 0.5 ± 0.2 b
krill oil 3.2 ± 0.5 x 3.4 ± 0.3 x

aDifferent letters (a, b) show the significance of differences between
solvent systems within one microalga and storage time (α = 0.05).
Different letters (x, y) show the significance of differences between
storage times within one solvent system (α = 0.05). bFFA content
could not be determined because the samples were completely
polymerized.
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can explain why the H oil of N. gaditana is more stable than
that of Nannochloropsis sp. It was also clear that the
Phaeodactylum H oil was less stable than the N. gaditana H
oil. Yet the total carotenoid content of the Phaeodactylum H oil
was more than double of the carotenoid content of the N.
gaditana H oil. Two reasons to explain this observation are
possible. First, the carotenoid composition of both oils is quite
different: in the Phaeodactylum H oil the carotenoid content is
mainly determined by fucoxanthin, whereas carotene is the
main carotenoid in the N. gaditana H oil. The higher oxidative
stability of the N. gaditana H oil might thus be explained by the
higher antioxidant capacity of some carotenoids compared to
others.49 However, there is no clear ranking in the antioxidant
capacity of all different carotenoids available to confirm this
potential explanation. Second, carotenoids are also known to
have pro-oxidant properties in certain conditions. Factors that
determine the anti- or pro-oxidant activity of carotenoids
include the concentration of the carotenoid and the partial
oxygen pressure.55 Because the carotenoid content in the
Phaeodactylum H oil is particularly high and the oxygen
pressure in the storage vials was initially 100%, this can also
explain the lower oxidative stability of the Phaeodactylum H oil
compared to the N. gaditana H oil. For the other H oils
differences in stability were much less clear, and therefore no
discussion is attempted. However, it seems that the carotenoid
content and composition play important roles in the oxidative
stability of the H oils.
As mentioned before, the differences between the HI oils of

the different microalgae are too small to rank these oils;
therefore, no explanations were pursued.
It should also be mentioned that this study compares crude,

laboratory scale extracted microalgae oils with highly refined
commercial omega-3 LC-PUFA oils. It has not yet been
investigated whether microalgae oil will require refining and, if
it does, how it will be performed. Furthermore, it is not clear if
refined microalgae oil will show the same oxidative stability as
the crude oils. These are definitely topics for further research.
Further research on oxidation of microalgae oils is definitely

needed. Most importantly, it should be researched in more
detail if the amount or types of polyphenols can explain the
stability of the microalgae HI oils, or if other compounds might
be responsible. Furthermore, further research should be
performed on the antioxidant capacity of different carotenoids,
so proper ranking could lead to an explanation of the stability
of the microalgae H oils. Finally, a sensory panel should be used
to check whether the parameters discussed before also correlate
with sensory properties of microalgae oils. However, this might
be difficult because all microalgae already have a specific odor
ranging from grassy and fruity to fishy aromas.56

Hydrolytic degradation does not seem to be a problem
during storage of any of the oils. In contrast, microalgal lipids
hydrolyze considerably due to storage of the wet paste at
temperatures above the freezing point, as was shown for
Scenedesmus sp.:16 the TAG content decreased while the FFA
content increased from a negligible level to 70% in just 1 day.
Even when spray- and freeze-dried microalgal biomass was
stored, the FFA content almost doubled over 5 weeks.17 This
means that the high FFA content found in microalgal oils
immediately after extraction can most probably be explained by
the way the wet biomass was stored before drying, the
technique used for drying, and even the way the dried biomass
was stored. Nevertheless, once the oil was separated from the
biomass, the FFA content remained relatively stable. This may

indicate that hydrolytic enzymes are not coextracted with the
oils or that they are not active in the lipid environment.
Similarly, the FFAs in crude fish oil are also generated during
enzymatic spoilage of the fish prior to processing, but not
formed during the production process.57 Refining will, however,
remove most of them. In contrast, the microalgae oils tested in
this study were not refined, explaining the slightly to much
higher FFA content in these oils.
In conclusion, this study investigated the stability of

microalgal omega-3 LC-PUFA-rich oils in comparison with
commercial omega-3 LC-PUFA rich oils. From the results of
both the primary and secondary oxidation parameters, it was
clear that fish, tuna, and DHA-S oils were the least oxidatively
stable oils, whereas krill oil and the microalgae oils performed
better. The oxidative stability of the microalgae oils was also
shown to be dependent on the solvent (mixture) used to
extract the lipids: the oils obtained with hexane/isopropanol
were more stable than oils obtained with hexane. This is
probably due to the presence of more polar antioxidants such as
polyphenols in these oils. All oils were shown to be
hydrolytically stable during storage.
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