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6.1 Scope of Protocol 

 
MPs, defined as plastic particles sized 0.1 µm – 5 mm (Hartmann et al., 2019), are an issue of 
concern because of their ubiquity in the marine environment. These global contaminants 
(2008/56/EC Marine Strategy Framework Directive, Descriptor 10; United Nations 
Sustainable Development Goal 14 target 14.1.1) are known to accumulate in benthic 
sediments and beaches worldwide (Browne et al., 2011; Martellini et al., 2018; Kane et al., 
2019) where they become accessible for ingestion to benthic species, including commercial 
fish and shellfish (Lusher et al., 2013; Rummel et al., 2016; Ding et al., 2020). A variety of 
polymer types has been reported in earlier studies (Lusher et al., 2015). The limited 
understanding of MPs accessibility and the associated potential risks MPs pose to benthic 
ecosystems emphasizes the need for standardised, representative, and feasible sampling, 
sample processing and sampling analysis protocols, so as to obtain accurate measures of 
MPs pollution levels in marine sediments. 

The JPI Oceans-funded ANDROMEDA project is a multidisciplinary collaboration of 15 
international partners focused on improving the quantification of NPs and MPs in our oceans 
and seas. Within the project, new sampling and advanced analysis methodologies that focus 
on smaller MPs (< 10 μm) and NP (<0.2 μm) particles have been developed, which will 
enable a more accurate assessment of risks associated with plastic pollution. Novel 
sampling techniques as well as cost-effective MPs measurements methods have been 
developed for a more efficient and effective MPs monitoring. As a result, a series of 
protocols related to MPs extraction, analysis and degradation were developed and 
optimized, and used by project partners. They are now made available to the plastic 
research community as SOPs. 

This particular protocol focuses on the efficient extraction of MPs > 20 µm from marine 
sediment samples, needed for the subsequent semi-automated MPs analysis based on 
machine learning and RGB colour quantification of Nile red stained fluorescent particles 
(Meyers et al., 2024). This newly developed analysis method allows to detect MPs and 
identify their polymer types in a cost- and time-effective way. Special attention was given to 
the analytical quality control and quality assurance associated with the validation of the 
protocol for the extraction of MPs from marine sediment samples. 



 

   
 

48 

  

 
6.2 Materials and Equipment  

 

Glassware  

• Glass beakers (600 mL / tall form)  
• Large petri dish (min. 100 mm) 
• Closed petri dish per sample  
• Large glass slide per sample 

 

Filtration  

Filtration apparatus or filtration manifold set (for Whatman filters): 
• (Filtration manifold set)  
• Glass funnel with dust cover per sample  
• Fritted glass base with stopper per sample  
• Aluminium clamp per sample  

 
Additional: 

• Vacuum pump  
• Rubber tubing  
• Büchner flask (1 L)  

 

 Laboratory consumables  

• Filters compatible for µ-FTIR analysis, e.g., PTFE membrane filters (10 µm, ⌀ 47 
mm)  

• Glass Pasteur pipette with rubber stop  
• Aluminium foil  

https://www.sigmaaldrich.com/BE/en/product/mm/jcwp04700
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• Filters to filer Nal, H2O2 and Nile red e.g. Whatman glass microfiber filters (2.7 µm, 
⌀ 47 mm) 
 

  Other laboratory equipment  

• Metal sieve of ⌀ 5 cm and mesh size 20 µm 
• A small metal funnel  
• Metal spatula  
• Tweezers  
• Cotton lab coat and nitrile protection gloves (H2O2) 
• Milli-Q water  

 

Reagents 

• Hydrogen peroxide (H2O2 - 30-33%)  
• Sodium Iodide (NaI - 100%)  
• Acetone  
• Nile red  

 

Note:  
  

• Prior to the sample processing, all solutions/liquids used (except Milli-Q water) 
should be filtered over a filter of a mesh size smaller than 10 µm using a filtration 
apparatus, to reduce potential contamination (e.g., Whatman glass microfibre 
filters - 2.7 µm, ⌀ 47 mm). 

• If not at hand, Milli-Q water can be replaced by filtered tap or distilled water, using 
filters of mesh size 2.7 µm or smaller).   

• Density separation steps using a saturated sodium iodide solution (NaI – 1.8 g/cm³; 
Enders et al. 2015) are necessary to extract all plastics polymers. Because of the high 
density of the salt solution, plastics with a density below 1.8 g/cm³ will float. Sodium 
tungstate dehydrate (Na2WO4.2H2O – 1,4 g/cm³) or even sodium chloride (NaCl - 1,2 
g/cm³) solutions can be used as more economical alternatives, but plastics with  

• relatively high densities such as polycarbonate (PC - 1.20-1.22 g/cm³), polyurethane 
(PU - 1.20-1.26 g/cm³), polyethylene terephthalate (PET - 1.38-1.41 g/cm³) and 
polyvinyl chloride (PVC - 1.38-1.41 g/cm³) will not be separated when using NaCl. If 
Na2WO4.2H2O is used, PVC particles will not be extracted either.  

• If subdivision of MPs into size classes is desired, stacked small sieves can be used, 
e.g. of 1 mm, 250 µm and 20 µm. 

https://www.sigmaaldrich.com/BE/en/product/aldrich/wha1823047
https://be.vwr.com/store/catalog/product.jsp?catalog_number=510-1847
https://www.sigmaaldrich.com/IE/en/sds/mm/1.07209?userType=undefined
https://www.sigmaaldrich.com/US/en/sds/SIGALD/217638
https://www.sigmaaldrich.com/BE/en/sds/ALDRICH/W332615
https://www.sigmaaldrich.com/BE/en/sds/sigma/72485
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6.3 Protocol 

  

 
Figure 1: Scheme of all major steps within the protocol, as well as their durations 

 

6.3.1 Sample Preparation 

Prior to starting the sample processing, make sure to have read Section 6.4 ‘Quality Control 
Measures’. A density separation using a saturated NaI solution needs to be performed as a 
first step (see Figure 1). Because of the difference in density of the solution and the plastics 
present in the sample, most MPs will float and will in this way be separated from the 
sediment. 

A. Prepare a saturated NaI solution with Milli-Q water (1793 g / L at room 
temperature). A total volume of 50 mL of saturated NaI solution is needed for 
each sample. Be aware that a large quantity of NaI needs to be dissolved. The 
best practice for a rapid dissolution process is to add NaI in small steps to a glass 
beaker filled with the appropriate volume of Milli-Q water, while placed on a 
magnetic plate at 50°C and containing a stirring rod (200 rpm or more). Be 
cautious: once the solution is saturated, it will turn yellow and can leave very 
distinct yellow stains behind. 

B. Following this, and once the filtered NaI has cooled down to room  
temperature, add 70 mL of the dense salt to the sediment sample. Stir the 
solution with a metal spatula so that MPs present in the sediment are mixed with 
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the NaI. Using a wash bottle, gently wash any remaining material that is stuck to 
the sides of your glass beaker into the solution using the remaining 5 mL of I. 
Subsequently, leave the sediment to settle overnight for 24 h (first density 
separation). The beaker must be fully covered with aluminium foil, or with a 
cleaned petri dish, to avoid evaporation of the NaI in the sample, which could 
induce crystallization and a reduced volume, creating complexity during the 
density separation process. 

C. Density separation 1: 

After 24 h, the solution will be filtered to recover the MPs present. To do so, pour 
the supernatant through a small sieve (Ø 50 mm, 20 µm mesh or smaller). To 
avoid sediment particles from being filtered, pour the supernatant slowly, so that 
floating material will flow into the beaker faster than the sediment. As a result, 
one beaker now contains the sediment pellet, one beaker contains the filtered 
NaI, and MPs as well as organic material will be present on the 20 µm-sieve. Make 
sure both beakers and the sieve are covered with aluminium foil when not being 
handled. 

D. Slowly pour 70 mL of the sieved NaI back onto the sediment pellet, and make 
sure all materials sticking to the sides of the beaker are washed back into the 
solution. Repeat the mixing step from the previous day: slowly stir the solution 
with a metal spatula, wash the material stuck to the sides of the beaker back into 
the solution with the remaining 5 mL NaI, cover the beaker and leave it for 
another 24 h so that the sediment can settle a second time. 

E. Take a new glass beaker, put the funnel and sieve on the beaker and pour Milli-
Q water abundantly over the sieve containing the sample to remove any traces 
of the NaI (minimum 100 mL). It is very important to clean the sample as the 
smallest trace of NaI can cause an exothermic reaction with a lot of effervescence 
when added to H202 in the next step. This needs to be avoided as it may lead to 
loss of the sample. The beaker used to capture diluted traces of NaI can be used 
for all replicates/samples being processed. 

F. Once clean, place the funnel with sieve in a new glass beaker. Turn the sieve 
around in the funnel and wash the sieve with Milli-Q water, so that the sample is 
captured in the glass beaker. Next, turn around the sieve and wash the edges of 
the sieve above the funnel to make sure all traces of the sample are washed into 
the glass beaker. Rinse the funnel as MPs may stick to the sides. Accomplish the 
transfer of the sample into the glass beaker using 50 mL of Milli-Q water. Cover 
the glass beaker with aluminium foil. 
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G. Density separation 2 and 3:  

Repeat this procedure two more times: pour the supernatant of the settled NaI-
solution over the sieve so that the sediment is separated from the NaI containing 
the MPs, add the sieved NaI back to the sediment pellet and leave to settle for 
another 24 h, wash remaining traces of NaI from the sieve, place the sieve upside 
down in the metal funnel, and finally thoroughly wash the particles present into 
the same glass beaker as the one used for the first density separation using a 
volume of 50 mL of Milli-Q water. 

Once three consecutive density separations have been carried out, after 72 h, a 
resulting 150 mL of Milli-Q water containing MPs from three different density 
separations from the same sample should be obtained. 

H. When the NaI solution from all processed samples has been recovered, filter the 
whole solution over a 2.7 µm-filter using the filtration apparatus. Next, collect the 
filtered NaI in a glass bottle and store it for later use. 

 
6.3.2 Digestion of Organic Material 

A. Before adding H202, have a large beaker filled with cold water (10-15 °C) ready, 
in case it needs to be used to slow down the exothermic reaction. 

B. Organic material needs to be removed from the sample. To do so, add H2O2, 
(30-33 %) to the sample at a 2:1 volume sample:solution ratio, so that a final 
concentration of 10 % H2O2 is obtained. For a sample of 150 mL, you add a 
volume of 75 mL H202 (30 %). H202 should be added in small amounts to avoid a 
strong exothermic reaction from taking place. Effervescence will be visible, and 
the sample can turn yellow, which is normal. If the beaker becomes hot to touch 
(> 50 °C), and foam in the beaker rises rapidly, place the sample in the beaker 
filled with cold water using protective equipment (e.g. thermal gloves). The cold 
water will slow down the exothermic reaction. Ensure that you remain in close 
proximity to the samples for a minimum of thirty minutes and consistently 
monitor them until the exothermic reaction has decelerated. Following this, 
leave the samples to digest for a week, covered with aluminium foil. 

 

6.3.3 Filtration 

A. Prepare a filtered Nile red solution dissolved in acetone (10 µg/mL). 1 mL is 
needed per PTFE filter.  
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B. Filter the sample over a PTFE filter using the filtration apparatus. Rinse abundantly 
with Milli-Q water (a minimum of 50 mL). Following this, add 1 mL of the filtered 
Nile red homogeneously to the filter using a glass Pasteur pipette with rubber 
stop. When doing so, make sure all particles stuck to the lower side of the glass 
funnel are washed onto the filter. 

C. Leave the Nile red to soak for 15 minutes, then rinse abundantly with Milli-Q water. 
Transfer the filter to a labelled glass slide inside a petri dish using tweezers and 
leave it to dry in a dark environment for at least 24 h before photographing the filter 
under a fluorescence (stereo)microscope using the appropriate protocol (Meyers 
et al., 2024). 

  
 
6.4 Quality Control Measures 

 
A. Pre-clean all glassware before use. To do so, wash with soap and rinse thoroughly 

with tap water (three times), followed by Milli-Q water (another three times). 
Ideally, leave the glassware to dry upside down on a metal rack or on a cotton 
towel to avoid airborne contamination. Always clean the equipment before using 
it for another sample when switching between samples.  
 

B. Always wear a 100% cotton lab coat and avoid wearing synthetic clothes 
underneath as much as possible. Write down the colours of the clothes you are 
wearing while processing the samples.  

 
C. Sample processing should be performed in a laminar flow hood to minimize 

contamination. Thoroughly clean the laboratory workspace (around 3 m² needed) 
prior to starting, e.g., using cotton or lint free paper towels.  

 
D. Always cover the samples with aluminium foil while not being handled and make 

sure all beakers are properly always labelled to prevent the loss of samples.  
 

E. To avoid airborne contamination, control air movement in the laboratory by 
closing all windows while working and prevent the passage of other lab users in 
the area where samples are being processed. Airborne contamination can be 
assessed by placing a PTFE-filter in a labelled open petri dish in the sample 
processing area, from which particles will be quantified afterwards.  
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F. Run procedural blanks (ideally n = 3) alongside the actual sample processing. 
To do so, follow the exact same steps as mentioned in this protocol, but using a 
Milli-Q water matrix with no added plastic particles. This should be done for 
every batch of samples that are being processed.  

 
G. Run a positive control to determine the recovery efficiency. To achieve this, spike 

a known number of MPs of known size and polymer type into clean sediment 
(made MP-free by heating to 400°C for 2 h), and execute the same extraction 
procedure.  

 
H. Safely dispose of chemical waste in the appropriate and secure containers until 

collected for safe disposal.  
 

References 
 

Browne, M. A., Crump, P., Niven, S. J., Teuten, E., Tonkin, A., Galloway, T. and Thompson, R. 
(2011). Accumulation of microplastic on shorelines worldwide: sources and sinks. 
Environmental Science & Technology, 45(21), pp.9175-9179.  
https://doi.org/10.1021/es201811s 
 
Ding, J., Li, J., Sun, C., Jiang, F., He, C., Zhang, M., Peng, J. and Ding, N. X. (2020). An 
examination of the occurrence and potential risks of microplastics across various shellfish. 
Science of the Total Environment, 739, 139887. 
https://doi.org/10.1016/j.scitotenv.2020.139887 
 
Enders, K., Lenz, R., Stedmon, C. A. and Nielsen, T. G., (2015). Abundance, size, and polymer 
composition of marine microplastics in the Atlantic Ocean and their modelled vertical 
distribution. Marine Pollution Bulletin, 100, pp.70-81. 
https://doi.org/10.1016/j.marpolbul.2015.09.027 
 
Hartmann, N.B., Hüffer, T., Thompson, R.C., Hassellöv, M., Verschoor, A., Daugaard, A.E., 
Rist, S., Karlsson, T., Brennholt, N., Cole, M., Herrling, M.P., Hess, M.C., Ivleva, N.P., Lusher, 
A.L. and Wagner, M. (2019). Are we speaking the same language? Recommendations for a 
definition and categorization framework for plastic debris. Environmental Science and 
Technology, 53, 1, pp.039–1047. https://doi.org/10.1021/acs.est.8b05297 
Kane, I. A. and Clare, M. A. (2019). Dispersion, accumulation, and the ultimate fate of 
microplastics in deep-marine environments: a review and future directions. Frontiers in 
Earth Science, 7, 80. https://doi.org/10.3389/feart.2019.00080 

https://doi.org/10.1021/es201811s
https://doi.org/10.1016/j.scitotenv.2020.139887
https://doi.org/10.1016/j.marpolbul.2015.09.027
https://doi.org/10.1021/acs.est.8b05297
https://doi.org/10.3389/feart.2019.00080


 

   
 

55 

 
Lusher, A.L., McHugh, M. and Thompson, R.C., 2013. Occurrence of microplastics in the 
gastrointestinal tract of pelagic and demersal fish from the English Channel. Marine 
Pollution bulletin, 67, pp.94–99. https://doi.org/10.1016/j.marpolbul.2012.11.028 
 
Lusher, A.L., (2015). Microplastics in the marine environment: distribution, interactions, and 
effects. In: M. Bergmann, L. Gutow and M. Klages eds. Marine Anthropogenic Litter, p.245 
e307. Springer Cham Heidelberg New York Dordrecht London Springer Open. 
https://doi.org/10.1007/978-3-319-16510-3_10 
 
Martellini, T., Guerranti, C., Scopetani, C., Ugolini, A., Chelazzi, D. and Cincinelli, A. (2018). 
A snapshot of microplastics in the coastal areas of the Mediterranean Sea. TrAC Trends in 
Analytical Chemistry, 109, pp.173-179. https://doi.org/10.1016/j.trac.2018.09.028 
 
Meyers, N., De Witte, B. and Everaert, G. (2024). Automated microplastic analysis: Nile red 
staining and random forest modelling. In B. De Witte, O-P. Power, E. Fitzgerald and K. Kopke 
eds. ANDROMEDA Portfolio of Microplastics Analyses Protocols. ANDROMEDA Deliverable 
5.5. JPI Oceans ANDROMEDA Project. 
 
Rummel, C. D., Löder, M. G., Fricke, N. F., Lang, T., Griebeler, E. M., Janke, M. and Gerdts, 
G. (2016). Plastic ingestion by pelagic and demersal fish from the North Sea and Baltic Sea. 
Marine Pollution Bulletin, 102(1), pp.134-141. 
https://doi.org/10.1016/j.marpolbul.2015.11.043 
 
  

Citation 
 

For bibliographic purposes this document should be cited as:  

Meyers, N., De Witte, B., Catarino, A.I. and Everaert, G. (2024). Extraction of microplastics 
from marine sediment samples followed by Nile red staining. In B. De Witte, O-P. Power, E. 
Fitzgerald and K. Kopke eds. ANDROMEDA Portfolio of Microplastics Analyses Protocols. 
ANDROMEDA Deliverable 5.5. JPI Oceans ANDROMEDA Project. 

Cover photo credit: Nelle Meyers 

 

https://doi.org/10.1016/j.marpolbul.2012.11.028
https://doi.org/10.1007/978-3-319-16510-3_10
https://doi.org/10.1016/j.trac.2018.09.028
https://doi.org/10.1016/j.marpolbul.2015.11.043

