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3.1

3.1.1

Trace Metals Rob Middag, Rebecca Zitoun, and Tim Conway

In this chapter an overview of sampling and analytical techniques for the marine trace
metals (and their stable isotope ratios) is given, focusing largely on the six bio-essential
transition metals (iron, manganese, copper, nickel, zinc and cobalt). The aim of this
chapter is to introduce the reader to the breadth of techniques and methods currently
available to study the biogeochemical cycles of trace metals and their isotopes in the
ocean. We note that we do not cover all existing and historical techniques as some are no
longer used, some remain immature for trace metal studies, and some are just emerging or
are still being developed. A more detailed focus on the methods used by the authors is also
provided. We anticipate the continuing development and refinement of methods; as with
any expanding and developing scientific field, novel strategies and techniques
continuously come and go. For further background reading on marine trace metal
distribution and key biogeochemical processes in the ocean, the reader is referred
throughout the chapter to appropriate overviews, articles and textbooks available online,
including the freely available GEOTRACES electronic atlas and data products, as well as
the GEOTRACES ‘cookbook’.

Keywords:Marine trace metal biogeochemistry - Marine trace metal sampling - Marine
trace metal sample handling - Marine trace metal analysis - Marine metal stable isotope
analysis - Marine trace metal speciation analysis

Introduction
Trace Metals in the Ocean

Seawater comprises all naturally occurring chemical elements including metals (Bruland
et al. 2014). Metals are often defined to include the 40 transition metal elements (periodic
table: d-block; 31 natural and 9 artificial metal elements), the rare earth elements
(lanthanides and actinides, both f-block), the s-block elements except hydrogen (H) and
helium (He) (e.g. lithium (Li), magnesium (Mg)) and some elements from the p-block
(@luminium (Al), gallium (Ga), indium (In), tin (Sn), thallium (Th), lead (Pb) and bismuth
(Bi)). Most metals occur at trace concentrations in the ocean, hence the common
terminology ‘trace metal’. Six of the transition metals are essential in small quantities for
all living organisms both on land and in the sea, needed for maintaining metabolic
processes such as carbon uptake, photosynthesis and nitrogen fixation (de Baar et al.
2018; Goldhaber 2003; Sunda 2012; Vraspir and Butler 2009). Listed in order of their
typical abundance in the living cells of marine unicellular biota, the bio-essential metals
are iron (Fe), zinc (Zn), manganese (Mn), copper (Cu), nickel (Ni) and cobalt (Co)
(Bruland et al. 1991; de Baar etal. 2018; Morel et al. 2014). Some biota also appear to
utilize cadmium (Cd) under some conditions to substitute for Zn and Co in enzymes such
as carbonic anhydrase (Lane and Morel 2000; Lane et al. 2005; Price and Morel 1990).
Other trace metals have no known biological function (e.g. Al; (Adams and Chapman



2007) or are entirely toxic (e.g. mercury (Hg) and arsenic (As)) (Hunter 2008; Tercier
Waeber et al. 2012). However, it should be recognized that all ‘essential’ elements can
be toxic at high concentrations (Shah 2021; Tercier Waeber et al. 2012), and there can be
a narrow optimum concentration range, as, for example, seen in the ocean for Cu (e.g.
Bruland et al. 1991). In the ocean, the naturally low concentrations of trace metals mean
that most are beneficial or quite harmless for biota, but elevated concentrations of some
metals due to, for example, anthropogenic environmental pollution can result in localized
negative effects (Shah 2021; Tercier Waeber et al. 2012). For instance, the transition
metals chromium (Cr), Pb, Ni, Cu, Zn, silver (Ag) and Cd are common industrial by-
products and can enter the aquatic system via untreated waste waters, accumulate in
sediments and become toxic for benthic
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Fig. 3.1 Simplified schematic of trace metal (M) cycles in the marine environment. The conceptual
representation includes metal sources, sinks and internal biogeochemical and physical processes that drive
metal cycling and fate (Tercier Waeber et al. 2012). Note that the size definition of particulate, dissolved
and colloidal trace metals used in the schematic is one of many operationally defined definitions,
dependent on the filter sizes used. M*, free metal ions; ML, organic metal complexes (M complexed with
various organic ligands (L)); MY, inorganic metal complexes

organisms (Shah 2021). Fortunately, in many nations most waste waters are nowadays
treated to remove pollutants, but in other nations the purification treatments of waste
waters have yet to begin.

The growth of phytoplankton, the organisms which form the base of the marine food
web, depends on the availability of both sunlight and nutrients in the upper water column.
Nutrients include carbon and the ‘macro’-nutrients such as nitrogen, phosphorus and



silicate but also include so called ‘micro’-nutrients, i.e. the six transition metals
mentioned above, of which Fe (Fig. 3.1) is arguably the most important (Bruland et al.
2014). A scarcity of one or several of these trace metals in surface waters can limit overall
primary productivity and change the community structure and functioning of marine
ecosystems. Micronutrient limitation is especially acute in some remote ocean
environments, commonly referred to as High Nutrient, Low Chlorophyll (HNLC) regions,
where upwelling of deep water has provided ample macronutrients for phytoplankton, but
a paucity of micronutrients such as Fe means that macronutrients cannot be fully utilized,
and as a result growth is lower than one may expect (Moore et al. 2013).
However, the role ofmicronutrients such as Fe is not limited simply to remote HNLC
regions, as Fe has also been shown to limit or co-limit phytoplankton growth elsewhere in
the ocean (e.g. Achterberg et al. 2013; Le Moigne et al. 2014; Mills et al. 2004; Moore et
al. 2009; Moore et al. 2006; Nielsddttir et al. 2009; Ryan-Keogh et al. 2013).

The importance of Fe for influencing marine ecosystem productivity and global carbon
cycling, in particular, has long been recognized. Varying Fe input into the ocean over
time is even thought to have played an important role in driving the dramatic and regular
sawtooth shifts in atmospheric carbon dioxide during the recent glacial-interglacial cycles
of our planet (Martin et al. 1990; Yamamoto et al. 2019). The first reliable experimental
evidence for Fe limitation was by Fe addition experiments (bioassays) in surface water
samples from the sub-Arctic North Pacific Ocean in August 1987 (Martin and Gordon
1988). One year later, in austral summer 1988, Fe limitation was demonstrated in
bioassays in the Southern Ocean (Buma et al. 1991; de Baar et al. 1990), and a few years
later the first in situ Fe fertilization experiment was done (Martin et al. 1994). Ever since
these experiments, the investigation of the bio-limiting role of Fe has become one of the
major research topics in ocean plankton ecology. Nevertheless, due to the very stringent
requirements to rule out inadvertent Fe contamination (see Sect. 3.2), Fe limitation
remains a challenging line of plankton research.

Ocean productivity and the biogeochemical cycles of the ocean are also shaped by the
availability of other trace metals, co-limitation by two or more factors (e.g. light and
Fe) and/or variability in nutrient requirements between species and environmental
conditions (e.g. Arrigo 2005; Buma et al. 1991; de Baar et al. 1990; Morel et al. 2014;
Saito et al. 2008). For instance, Fe together with other bio-essential trace metals
(Mn, Co, Ni, Cu, Zn) can influence the taxonomic composition of key ecological
communities with wide reaching influences on overall marine primary productivity
(Boyd et al. 2017; Hutchins and Boyd 2016; Moore et al. 2013; Twining and Baines
2013).

Besides being essential micronutrients, trace metals and other minor elements can serve
as useful tracers of human activity (e.g. radioactive tracers) or of the physical, geological
and chemical processes that shape biogeochemical cycles in the oceanic water column
and in the sediment on the sea floor below (Anderson 2020). Notably, isotope ratios of
trace metals can provide information of internal oceanic processes (biological, scavenging
and redox cycling) and external sources and sinks of metals to/from the ocean (Conway et
al. 2021). Briefly, biochemical and geochemical reactions can lead to small, but
measurable, mass-dependent fractionation of the isotope ratio of a certain element (e.g.
Fe; Dauphas et al. 2017). Each fractionation process can lead to distinctly different
isotope ratio signatures that can be used to ‘fingerprint’ processes, sources and sinks of
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certain elements in the ocean interior. Accordingly, the use of isotope ratios of trace
metals such as Fe, Zn, Cd, Ni, Cu and Cr has exploded in the last decade as powerful
tracers of oceanic trace metal cycling, fluxes and transport (Conway et al. 2021). In
addition to modern water column measurements, trace metals or trace metal isotope ratios
preserved in geologic archives also provide valuable information about the past ocean.
For a recent comprehensive summary of the state of the field for using trace metals
and their isotopes as proxies for past ocean productivity and other processes, see
Horner et al. (2021).

Trace Metal Concentrations and Distributions

Concentrations of dissolved trace metals in seawater range from sub fmol |=* at the lower
end to 10 pmol kg ! at the upper end (i (micro) ¥410~°, n (nano) ¥410~2, p (pico) ¥
10~*2, and f (femto) ¥ 10~*°), where the concentration of 10 pmol kg~? is an arbitrary
upper value typically used to define the separation of trace elements from the major
elements in seawater (Bruland et al. 2014; de Baar et al. 2018). Concentrations in
seawater are often reported in units of mol kg—* (e.g. nmol kg—*), or mol L~* (e.g. nmol
L= which is the same as nM), where mol kg—* units are generally recommended.
Reporting in mol per mass units is recommended because mass, unlike volume, is
unaffected by temperature- and/or pressure-derived changes in the density of a sample
that can occur during or after collection. Volume can be affected by reasonably large
changes in pressure and/or temperature between sample collection depth and later
laboratory analysis; as such, the reported values in mol ~* may differ (slightly) between
the environmental conditions at which the sample was collected and those of analysis.
Nevertheless, when analyses (see Sect. 3.5) are based on volume rather than mass, it can
be argued the results should be reported in the units they were obtained in (e.g. L™ in
case of volume-based measurements) with the required information for any
subsequent conversion (e.g. to nmol kg~?) in the metadata (see Sect. 3.6) as a variety
of different units is possible and use often depends on traditions within (sub-
)disciplines.

Seawater contains a complex ‘soup’ of truly dissolved metal ion species, organic-
complexed metals and small particles, the sum of which, for ease, is commonly referred
to as ‘dissolved’. Dissolved metals are thus typically operationally defined as any metal
species that has passed through a filter, usually 0.4 or 0.2 um in pore size (Fig. 3.1), with
the latter becoming the common standard in recent decades (Cutter et al. 2017). Smaller
filtration sizes and techniques (i.e. ultra-filtration; see Sect. 3.4.2 for more information)
are sometimes also employed to look at concentrations of different fractions of the
‘dissolved’ pool of trace metals in seawater (e.g. Fitzsimmons et al. 2015b; Homoky et al.
2021), for example, colloids (~0.02—0.4 um in size; see Fig. 3.1).

The distributions of the different trace metals in the ocean are each controlled by a
different combination of biological, chemical and physical processes that lead both to
different spatial and temporal patterns for each metal and to distinct relationships between
the distributions of different trace and major elements (e.g. Bruland et al. 2014; de Baar et
al. 2018). Ultimately, trace metals are added to the ocean from external boundary
‘sources’ such as rivers, margin and deep-sea sediments, wind-blown dust from
continents (especially deserts), anthropogenic pollution and from venting from submarine
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hydrothermal activity (Anderson et al. 2014; de Baar et al. 2018). Similarly, trace metals
are removed from the ocean by so-called sinks, which also occur at ocean boundaries and
thus are often at or near the same locations as sources (e.g. marine sediments,
hydrothermal vent deposits) (Bruland et al. 2014; de Baar et al. 2018). Within the ocean,
active uptake by biota and passive particle scavenging act as internal sinks of trace
metals. Trace metals associated with particulate matter can also be released back into the
dissolved phase via bacteria- induced degradation, grazing or abiotic dissolution
mechanisms, either in shallow surface waters or deeper in the water column or by
respiration processes in the underlying sediment (e.g. Anderson et al. 2014). As such,
particles can also act as internal ocean sources for trace metals. Generally, for most trace
metals, their ‘final’ sink from the ocean is permanent burial in marine sediments (e.g.
Bruland et al. 2014; de Baar et al. 2018).

The combination of specific sources, sinks and internal cycling that is unique to each
trace metal then merges with the general physical ocean circulation, resulting in
characteristic oceanographic dissolved distributions of trace metals that reflect their
intrinsic biogeochemical behaviour and chemistry (Aparicio-Gonzalez et al. 2012;
Bruland et al. 2014; de Baar et al. 2018). Historically, dissolved trace metals have been
broadly grouped into several definitions: (1) conservative, trace metals with a relatively
narrow concentration range that varies in concert with salinity; (2) nutrient type, trace
metals that are taken up by phytoplankton in the surface ocean and are regenerated with
depth, leading to depleted surface concentrations and elevated deep concentrations; (3)
scavenged, trace metals with strong particle interactions that are removed from the ocean;
or (4) hybrid, trace metals which do not fit into a single distribution type (Aparicio-
Gonzélez et al. 2012; Bruland et al. 2014). In fact, as more becomes known, most
dissolved trace metals exhibit aspects of some or all of these distributions.

Pioneering Marine Trace Metal Biogeochemistry

The overall very low concentrations of (dissolved and particulate) trace metals in the ocean
meant that insight into their distributions and roles in the ocean was hindered until clean
sampling and analytical techniques started to become available in the 1970s (see Sect.
3.2, Box 3.1) (Bruland and Lohan 2003; Protti 2001). More recently, in 2006, the
international GEOTRACES programme that aims to identify the processes and quantify
the fluxes that control the distributions of key trace elements and isotopes in the ocean has
made major leaps in assessing the concentration, distribution and biogeochemical cycling
of Fe and other trace metals in the global ocean (Anderson 2020; Henderson et al. 2018).
A key focus point of GEOTRACES is the inter-comparability of methods and data
quality between the

~36 countries involved (GEOTRACES-Group 2006), making sure that sampling efforts
and measurements by different nations and laboratories give comparable results that can
be combined into data products (Mawji et al. 2015). Prior to the inception of the
GEOTRACES programme in the early 2000s, data was often not inter-comparable, owing
to the difficulty of trace metal sampling without contamination and analysis using
instruments with suitable enough resolution to quantify low trace metal concentrations
(Johnson et al. 2007). Indeed, such challenges had meant that before the initiation of the



GEOTRACES field programme, dissolved Fe had been measured at only 25 locations
worldwide down to a depth of 2000 m depth (Anderson et al. 2014; Anderson 2020;
GEOTRACES-Group 2006). Currently, hundreds of full-depth profiles of various trace
metals, including Fe, can be found in the GEOTRACES inventory database, and this
number is quickly expanding (Schlitzer et al. 2018; Anderson 2020). For example,
GEOTRACES has now facilitated ocean transects of Fe in all ocean basins, illuminating
both the external sources/sinks and internal cycling of Fe and building on previous
understanding (e.g. Abadie et al. 2017; Conway and John 2014b; Ellwood et al. 2018;
Fitzsimmons et al. 2015b; Klunder et al. 2012; Klunder et al. 2011; Moffett and German
2020; Nishioka et al. 2020; Rijkenberg et al. 2014; Saito et al. 2013; Tagliabue et al. 2017;
Tonnard et al. 2020). However, despite this explosive increase in oceanic trace metal data
and a number of decades of high-quality insights, scientists are still working to
understand the details of the processes and factors that drive the distributions of many
trace metals in the ocean, as well as the interactions between micronutrients and marine
microbes that drive marine productivity and marine carbon sequestration. Consequently,
it is still very challenging for scientists to make accurate predictions about the role of
trace metals in influencing climate change in the past, present and future ocean.

Box 3.1: Technical Advances and Trace Metal Clean Techniques

The importance of trace metal clean techniques together with technical
advances in analytical methods and instrumentation for trace metal chemistry
is very nicely illustrated by the ‘lure of gold story’ of the mid-nineteenth
century (Pilson 2012). The text below retells the story that was published by
Pilson (2012).

Gold gained much attention in 1872 when it was announced that the waters
of the English Channel contained 65 mg of gold in each ton of water (Sonstadt
1872). At the time, the value of gold in one ton of water was only about 6.5
cents, much lower than today’s value. However, despite this, as well as a later
assessment by Svante Arrhenius (~1900) that reported only 6 mg per ton in the
English Channel (the equivalent of 0.6 cents per ton (Jensen et al. 2020; Riley
et al. 1965)), societal interest in extracting gold in seawater persisted. The
vastness of the ocean opened up the possibility of immense wealth even at the
lowest estimates of 6 mg of gold per ton of water. Indeed, it was thought that if
extraction of gold from the ocean was possible, such an endeavour would
generate enough wealth to make every living person on Earth a millionaire
twice over. Thus, in the first four decades of the twentieth century, patent after
patent was issued at patent and trademark offices around the world for gold
extraction methods and techniques from seawater. Fritz Haber, a Nobel prize
laureate, was one of the many researchers that jumped onto the bandwagon of
developing oceanic gold extraction methods. His interest was sparked by the
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promise to help pay off the German World War | debt. However, with his
newly developed procedure, Haber found gold concentrations of only
0.004 mg per ton seawater (20 picomoles per kg). Back then, this was only
worth about 0.004 cents per ton. This finding crushed any hopes and prospects
of ever extracting gold from the sea economically. The Dow Chemical
Company further illustrated the uneconomic nature during the 1950s when
processing nearshore seawater to extract magnesium and bromine and also
investigating the extraction of gold as a side project. The company processed
15 tons of seawater, but extracted only 0.09 mg of gold with an estimated value
of 0.01 cent. This value stood in stark contrast to the exorbitant cost of ~
$50,000 that the Dow Chemical had spent on the extraction process. A more
recent study quantified a concentration of about 50—200 femtomoles gold per
kg seawater, a level two orders of magnitude less than was accepted decades
earlier (Falkner and Edmond 1990). In fact, Falkner and Edmond (1990)
deduced that the relatively ‘large’ amount of gold extracted by Dow Chemical
was probably caused by ‘unclean’ reagents and containers that provided the
bulk of the gold collected. Using modern values, we can now estimate that the
entire world’s ocean contains ‘only’ 14,000 tons of gold, five times less than
the world gold holdings in central banks in early 2021 (69,400 tons) as
published by the World Gold Council.

Future Challenges in Marine Trace Metal Biogeochemistry

Currently, the global marine Fe cycle, and those of other trace metals, is undergoing major
changes because of ocean acidification, stratification, warming, deoxygenation,
anthropogenic pollution and land use change, amongst other factors (Hutchins and Boyd
2016; Tagliabue et al. 2017). These changes raise questions about how future change will
affect marine ecosystems, marine primary productivity and carbon uptake by the ocean,
underlining the importance of studying the biogeochemical cycle of bio-essential metals
such as Fe in the past and present ocean. Here, global ocean biogeochemical models come
into play, since they are important tools that aid in our understanding of the impacts of
future change and test hypotheses regarding biogeochemical processes (Tagliabue et al.
2016). The current generation of models do a reasonable job when it comes to
macronutrients such as phosphate, but as of yet, they do a much poorer job of reproducing
oceanic micronutrient distributions and as such vary widely in their predictions,
especially for Fe (Tagliabue et al. 2016). The poorer predictive power of models for Fe in
the ocean than for the macronutrients results largely from (i) the complex
biogeochemistry of Fe, (ii) the short residence time of Fe and (iii) the insufficiently
constrained sinks and sources (Tagliabue et al. 2016; Tagliabue et al. 2017). This
uncertainty in the marine Fe cycle, given its known importance for global carbon
cycling, raises large challenges for climate and earth system modelers and thus creates
hurdles for civil society and stakeholders to evaluate and implement appropriate climate
change actions and policy. The distributions of trace metals such as Ni, Zn and Cd are
perhaps easier to incorporate into models because their behaviour is more predictable
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when considering the ocean from a three-dimensional perspective in which both ocean
circulation and the biological pump play an important role (e.g. Middag et al. 2020;
Tagliabue et al. 2016; Vance et al. 2017; Weber et al. 2018). However, the interaction of
these other bio-essential trace metals and their effect on marine ecosystem functionality
and biogeochemical fate are only just emerging, which undoubtedly will reveal currently
unknown roles or feedback loops in the future. With more interdisciplinary science, more
data on spatial and temporal variability and more ocean observations using new
technologies and methods, trace metal scientists will most probably gain more insight into
the fate and behaviour of trace metals and their isotopes in the ocean. Such knowledge
will be essential for providing a holistic understanding of the processes that are essential
to achieve a safe, sustainable, clean, healthy and predictable ocean, as is the goal of the
UN Decade of Ocean Science for Sustainable Development.

Trace Metal Clean Procedures

In the early 1970s, technical advances in analytical chemistry and instrumentation with
high sensitivities and low detection limits (Bruland et al. 2014; Protti 2001) paved the
way for marine chemists to improve their understanding of concentrations, distributions,
speciation (i.e. the chemical form of an element) and associated biogeochemical
behaviours of trace metals in the marine environment (Bruland and Lohan 2003).
However, the extremely low concentrations of many trace metals in natural seawater —
commonly in the nanomolar range and often lower than the detection limits of common
analytical techniques — together with the omnipresence of such metals in the terrestrial
environment (Bruland and Lohan 2003; EPA 1996; Protti 2001; Richter 2003; Sander et
al. 2009) complicated contamination-free analysis of trace metal samples both on ships
and in the laboratory. Consequently, along with the development of powerful analytical
techniques came the recognition and appreciation of the importance of using rigorous
trace metal clean techniques in all stages of sampling and laboratory work (sample
collection, storage, handling, treatment and analysis) to avoid the inadvertent introduction
of contamination (Bruland et al. 1979, 2003; Cutter et al. 2017; EPA 1996; Sander et al.
2009).

The concept of trace metal clean laboratories for environmental analyses (Patterson et
al. 1976) was pioneered by Patterson after he recognized that measurements of
environmental Pb concentrations were often too high because of the often inadvertent
introduction of Pb to the samples during sample collection, handling and storage
(Patterson 1965). This realization resulted in Patterson’s development of rigorous trace
metal clean protocols for the elemental analyses of environmental samples in the early
1970s (EPA 1996; Patterson et al. 1976). This introduction of trace metal clean protocols
led to the first oceanographically reliable and consistent trace metal data in the late 1970s
with the first dissolved Cd and Zn data published between 1976 and 1978, respectively
(Boyle et al. 1976; Bruland et al. 1978; Martin et al. 1976). Concurrently, the
Geochemical Ocean Sections Studies (GEOSECS) programme (1972-1978) was
conducting global surveys designed to investigate the three-dimensional distributions
of chemical, isotopic and radiochemical tracers in the ocean (Chester 1990) (see Box
3.2). However, the GEOSECS sampling system did not permit uncontaminated samples to
be collected for certain easily contaminated trace metals such as Zn, Fe and Pb



(Bruland and Franks 1983; Pilson 2012). Thus, the first reliable vertical profiles of
dissolved Fe were only published in 1981 (Landing and Bruland 1981). By the 1980s,
thanks to analytical advances in trace metal chemistry and the use of trace metal clean
techniques, two notions were adopted: (i) seawater concentrations of many trace
elements are a factor of 10-1000 lower than previously believed (e.g. compare
Brewer 1975 and Bruland and Franks 1983), and (ii) trace metals have well-defined
distributions in the world’s ocean that relate to physical, chemical and biological
features of the water column (Chester 1990; Pilson 2012), i.e. trace metal
distributions are ‘oceanographically consistent’. For instance, in the 1920s, Fe in
seawater was said to be 1-25 pmol L~! followed by values of 20 nmol L=*-5.3
umol L~ tin the 1930s and values of 60 nmol L=* —0.1 umol L™ in the 1950s (de Baar
1994 and references therein), whereas today, values of <2 nmol ~* in surface waters are
the consensus (e.g. Anderson 2020; Schlitzer et al. 2018 and references therein).



Box 3.2: Evolution of Trace Metal Clean Procedures

Preventing water samples from becoming contaminated during sampling and
analytical processing constitutes one of the greatest difficulties encountered in
marine trace metal analysis. Therefore, it is imperative that extreme care is
taken to avoid contamination when collecting and analysing samples for trace
metals. Before the 1970s, marine chemists did not commonly follow rigorous
trace metal clean procedures, did not have clean materials and equipment, and
did not pay enough attention to sample handling in order to avoid the
inadvertent introduction of contamination (Chester 1990). However, even with
the gradual introduction of trace metal clean protocols from the late 1970s
onwards and with care being taken during sample collection and analysis,
samples taken before the GEOTRACES programme, i.e. before 2006, were
scarce and sometimes still contaminated and inconsistent with oceanographic
features.

For example, the GEOSECS programme was the first major ocean programme
to generate geochemical ocean sections in all three major ocean basins in the
years 1972—-1978. While focusing on the ocean carbon cycle, samples were
also collected for several other tracers, that is, various isotopes and trace
elements. At the time, the GEOSECS vertical oceanic profiles of Fe and Ni
(orange profiles below) were deemed to be major breakthroughs and were
considered to be some of the very first reliable vertical profile datasets (Fig.
3.2), with values much lower than previously thought (e.g. Bruland 1983).
However, later work has shown the profiles for these elements overestimated
concentrations and were too variable (see below), likely due to contamination
and the limits of techniques available.

However, GEOSECS was the role model for GEOTRACES that started its
ocean sections campaign between 2007 and 2008 with GEOTRACES
expeditions that were part of the International Polar Year. The GEOTRACES
vertical profiles shown here (blue profiles; Fig. 3.2) were collected in 2011 and
2017, some 35 years after the also shown GEOSECS data. These improved
profiles (lower, more accurate concentrations, which are also
oceanographically consistent) illustrate the significant advances made in both
the collection of samples and measurement of trace metal concentrations since
GEOSECS.
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Fig. 3.2 Comparison of Ni and Fe profiles collected and measured during GEOSECS in the 1970s and
GEOTRACES in 2011 and 2017. Displayed GEOSECS and GEOTRACES stations were located in the
same ocean basins (Ni and Fe stations are 118 km and 137 km apart, respectively). These data show how
endeavours such as the GEOTRACES programme added much to the ability of marine chemists to collect
reliable and oceanographically consistent trace metal data. GEOSECS data for Ni (Station 3; North
Atlantic) and Fe (Sargasso Sea) are from Sclater et al. (1976) and Brewer et al. (1972), respectively.
GEOTRACES data for Ni are from GAOQ2 station 5 (North Atlantic; Middag et al. 2020) and data for Fe
are from GAO3 station 8 (North Atlantic; Schlitzer et al. 2018; data originates from various investigators).
Please note the change in scale for the x-axis (Fe concentration) for the Fe profiles

While apparently ‘clean’ to the regular laboratory scientist, the exceptionally low levels
of trace metals in seawater mean that many common laboratory procedures or equipment
(e.g. glassware) have the potential to contaminate samples beyond the point where the
‘true’ trace metal concentrations can be established. There are numerous pathways by
which samples may become contaminated, and potential sources include metallic or
metal-containing labware or gloves (e.g. talc gloves that contain high levels of Zn),
containers, sampling equipment (improperly cleaned and stored), chemicals, reagents,
reagent water and atmospheric inputs (EPA 1997). Additionally, human contact (hair,
dead skin, exhalation) and dust particles in a laboratory can be a significant source of
trace metal contamination to samples (EPA 1997). In the following sections, we describe
the procedures required to make ultraclean trace metal measurements in the most pristine
marine environments in order to produce reliable, accurate and reproducible trace metal
data. The section below, however, only gives a general overview of trace metal clean
concepts and principles, and various laboratories have developed slightly different
procedures depending on their research objective and traditions. For more details on trace
metal clean techniques, the reader is also referred to the GEOTRACES Cookbook (Cutter
etal. 2017).

Trace Metal Clean Environment
A clean laboratory atmosphere, in which the contact of the sample with particles in the air

and other surfaces is minimized, is one of the key features of trace metal clean practices.
Such a clean atmosphere is ideally provided by a clean laboratory, which consists of one



or more rooms that are kept under positive pressure by drawing air through a series of
filters that effectively remove particles, including ultrafine particles (<0.5 um), from the
atmosphere (Sander et al. 2009). To be classed as a trace metal clean working space, the
working space must comply with the class 100 standard by the Federal Standard 209 or
the equivalent 1ISO 5 class standard by 1SO-14644-1 (Fig. 3.3a) (Cutter et al. 2017,
Goldberg 1996). Cleanrooms or working spaces that fall under these two standards
implement high-efficiency particulate air (HEPA) filter systems to obtain a permissible
density of less than 3500 (<0.5 pm) dust particles per m? of air (Tovar-Sanchez 2012).
Ambient outdoor air in a typical urban area contains 35,000,000 particles (> 0.5 um) per
m? of air, and ordinary activities performed by people generate millions of particles every
minute (Goldberg 1996; Nehme 2020). For instance, the rate of particle emission during
normal human speech ranges from 1 to 50 particles per second, which equates to 60,000—
3,000,000 particles per m® (Asadi et al. 2019). If full clean room facilities are not
available or needed, a clean working atmosphere should be provided via ISO class 5 or
class 100 laminar flow benches, or a non-metal glove box fed by particle-free air or
nitrogen (EPA 1997). Care must be taken to avoid metallic components such as screws to
mount screens of laminar flow benches, as they will cause contamination (Sander et al.
2009).

Onboard ships, when samples are collected and prepared for storage or onboard analysis,
full clean room facilities are not usually available, even though a shipboard environment is
more prone to cause contamination (Fe ship, metallic structure, Zn anodes, paint, engine
exhaust, waste water, etc.) than a land-based facility (Gillain et al. 1982; Sander et al.
2009; Tovar-Sanchez 2012). When permanent clean room facilities are not available on a
ship, converted shipping containers commonly act as designated mobile clean rooms on
research expeditions. Such a mobile laboratory is fitted with a HEPA air filtration system
and laminar flow benches to comply with clean room standards (Fig. 3.3b). If such a
mobile laboratory is unavailable, a standard shipboard laboratory can be converted into a
temporary clean room, commonly referred to as a ‘bubble’. A bubble consists of a
polyvinylchloride (PVC) plumbing tubing structure (or similar material) covered by
plastic film that is also used for lining the walls and benches (Fig. 3.3c). To accord with
clean room regulations, clean air is usually provided via HEPA filtered air that also keeps
the working environment inside the bubble over-pressured (Sander et al. 2009).



Fig. 3.3 Photographs of examples of trace metal clean facilities. Photo of a land-based ISO-6 clean room
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laboratory with ISO-5 laminar flow hoods (a) (photograph credit: Tim Conway, University of Florida,
USA), the NIOZ trace metal clean container (b) (photograph credit: Loes Gerringa, NIOZ, Netherlands)
and a trace metal clean working ‘bubble’ on board a research vessel (c) (photograph credit: Gert van
Dijken, Stanford University, USA)

3.2.2 Trace Metal Clean Practices

Apart from the atmosphere, the second most likely source of contamination for samples
comes from the human investigator (see Box 3.3). To minimize and avoid this source of
contamination, a strict trace metal clean working procedure must be followed during all
phases of sampling and laboratory work. It is recommended that protective clothing is
worn in all laboratory operations since humans are the main contamination risk in
cleanrooms, particularly through the shedding of particles from personal clothing,
exacerbated by movement (Goldberg 1996). A study with test subjects that wore
cotton tracksuits vs cleanroom uniforms in an 1SO

5 cleanroom showed that test subjects wearing tracksuits shed on average 34,955,780
particles (>0.5 pum) per minute while walking, while test subjects in full cleanroom attire
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shed on average only 106,328 particles (>0.5 um) per minute while walking (Cleanroom-
Technology 2011). The clean room uniform commonly comprises a clean room coverall,
disposable plastic gloves (powder-free), a hair net, dedicated plastic shoes or plastic foot
covers and eye protection (e.g. EPA 1997; EPA 1996; Sander et al. 2009; Tovar-Sanchez
2012). Often, two pairs of gloves are used by the human analyst, one for ultraclean
handling and one for clean (i.e. dirtier) handling. If it is even suspected that gloves have
become contaminated, work must be halted, the contaminated gloves removed and a new
pair of clean gloves put on (EPA 1997; EPA 1996). In addition, all surfaces that
equipment, samples, reagents and standards come into contact with are potential sources
of contamination, and thus all equipment and work surfaces should be wiped with a lint-
free cloth prior to use, or at least on a regular basis, to remove dust. All apparatuses and
laboratory equipment used for trace metal work must be non-metallic, and glass materials
and coloured plastics should be avoided (EPA 1997; EPA 1996; Tovar-Sanchez 2012).
When not being used, laboratory equipment should be covered with clean plastic wrap,
stored in a clean bench or plastic box or bagged in clean polyethylene bags (colourless
zip-type bags are recommended) (EPA 1997; Tovar-Sanchez 2012).

Box 3.3: Trace Metal Clean Practices

The key requirement for reliable and contamination-free trace metal data is
compliance with trace metal clean practices throughout the entire process,
from equipment preparation all the way through to sample collection and
eventual analysis (Sander et al. 2009). Two of the most important factors in
avoiding and minimizing sample contamination are (1) an awareness of
potential sources of contamination including the position of the investigator’s
arms and hands relative to the airflow, open samples and reagents and the flow
and direction of the investigators breathing and (2) strict attention to work
being done (EPA 1996; EPA 1997). Therefore, it is imperative that trace metal
clean procedures are carried out by well-trained and experienced personnel
(EPA 1997; Tovar-Sanchez 2012).

Trace Metal Clean Sample Bottles

Appropriate container material for sample storage is also key in trace metal chemistry,
notably when considering the general long contact times (days, weeks, months or years)
between seawater sample and container wall. Two opposing aspects are important here:
(1) sample contamination by different kinds of container materials and (2) trace metal
losses by surface adsorption to the container wall (Gillain et al. 1982). Both processes are
dependent on the surface to volume ratio and the sample bottle material (Jensen et al.
2020). Generally, samples for dissolved trace metal analysis are acidified for storage to
avoid ‘wall adsorption’ of metals and thus undermeasurement of the ‘true’ concentration
of a metal of interest in the sample (Cutter et al. 2017; EPA 1997). Both fluoropolymers
(specifically fluorinated ethylene propylene (FEP), perfluoroalkoxy alkane (PFA) or
polytetrafluorethylene (PTFE)) and low-density polyethylene (LDPE) bottles are used for
acidified sample storage owing to their low intrinsic trace metal composition and low
levels of metal adsorption (Cutter et al. 2017; Noble et al. 2020). High-density
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polyethylene (HPDE) bottles have been shown to contain organometallic trialkyl
aluminium (Al) compounds and are thus deemed unsuitable for dissolved Al analysis
Cutter et al. 2017, but can be used for most other metals. Generally, LDPE bottles are
recommended for sample storage of samples reserved for dissolved and particulate trace
metal analysis as well as for speciation and isotope analysis. Fluoropolymer bottles are
chemically and thermally more resistant compared to LDPE bottles and are also deemed
‘cleaner’ due to their commonly lower metal blanks (e.g. Gasparon 1998; Noble et al.
2020 and references therein). However, the high cost and environmental impact of
fluoropolymer may be a limiting factor for the use of this material.

Trace Metal Cleaning Procedures for Sample Bottles

Trace metal analysis results can easily become inaccurate if sample bottles are
contaminated. To remove potential sources of contamination in sample bottles, all sample
bottles should be thoroughly cleaned, both to remove dust and any metals that could
exchange with the sample during storage. This cleaning goes beyond usual cleaning of
labware and often involves soaking the equipment in soap or acidic solutions in order to
remove organics and/or leach metals from the plastic itself (Apte et al. 2002; Cutter et al.
2017; Sander et al. 2009). The procedure used to prepare bottles for seawater samples is
typically different between each laboratory and individually assessed for suitability.
Differences arise because groups implement methods based on historical experience or
differences in intended sampling objective or metal of interest (Apte et al. 2002). Today,
however, most laboratories use similar methods which have been standardized by advice
from the international GEOTRACES programme and the accumulated experience of the
community since the 1970s. For example, the minimum effective cleaning procedure
recommended by GEOTRACES for analysing sub-nanomolar levels of most trace
metals in seawater involves soaking of the bottle in alkaline detergent to remove organic
residues (grease and fat), soaking in diluted hydrochloric or nitric acid to mobilize and
desorb solid phase and/or adsorbed contaminants from the bottle wall, followed by
exhaustive rinsing with ultra-high purity water (UHPW) (Cutter et al. 2017). The cleaned
bottles are then double bagged using at least two (resealable) polyethylene bags and
stored until use either empty or filled with dilute high purity acid (Apte et al. 2002; Cutter
et al. 2017; Sander et al. 2009); however, it should be noted that bottles cleaned in such a
way might not be useable for some speciation studies (see Sect. 3.5.3). Bottles should be
handled at later stages using clean gloves, and the final ‘clean’ steps should be carried out
in a dedicated clean working space. Obviously, all work involving acids should be carried
out safely in well-vented areas with the correct personal safety precautions (Apte et al.
2002).

Trace Metal Clean Reagents
Systematic contamination of samples may often also be caused by using chemical

reagents or water of insufficient purity during processing and analysis (Bowie and Lohan
2009; Sander et al. 2009). This type of contamination is usually indicated by the
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systematic measurement of unexpectedly high metal concentrations or by high procedural
‘blanks’, which in the latter case is the amount of metal involuntarily added to a low-
metal or ultrapure water sample during processing and analysis (using the same analytical
steps as for the actual samples; see Sect. 3.6 for more information on procedural blanks;
Bowie and Lohan 2009; Sander et al. 2009). Thus, all chemicals and reagents used for the
analysis of trace metals must be of high purity, typically denoted as “ultrapure’ grade,
which are relatively expensive (or for some reagents simply not available). As such, many
laboratories utilize chemical or physical procedures to reduce trace metal impurities by
removing metals from lowergrade reagents (Bowie and Lohan 2009). Reagent cleaning
methods are common practice in many trace metal laboratories, for example, using clean
sub-boiling distillation methods to obtain purified acids or reagents or isopiestic
distillation for purifying ammonia (e.g. Sander et al. 2009 and references therein).
Dilutions of reagents for trace metal methods or rinsing of clean equipment must be
carried out using ultra-high purity water (UHPW), produced from deionized water by
commercially available filtration systems, and defined with a resistivity of >18.18 MQ-
cm. Similar UHPW may also be prepared by sub-boiling distillation of deionized water.
To verify the purity of reagents, reagent blanks and/or process blanks should be
determined regularly (see Sect. 3.6). Furthermore, to avoid contamination of clean
reagents, reagent preparation, handling and manipulation must be performed under
rigorous trace metal clean conditions (see Sect. 3.2.1 and 3.2.2), and reagents must be
stored and dispensed into acid-cleaned fluoropolymer or LDPE bottles (see Sect. 3.2.3)
(EPA 1997). Equipment such as pipette tips or measuring cylinders that may be used for
dispensing reagents must also be checked and/or acid cleaned or acid rinsed prior to use
to prevent metal contamination of the samples.

Trace Metal Clean Sample Collection

Marine trace metal chemists still depend on the collection of water samples for trace metal
analysis because, unlike for some physical and other chemical oceanographic parameters,
instruments to make in situ measurements for trace metals are either not yet mature or not
readily available (Capodaglio et al. 2001; Grand et al. 2019). The sections below will
focus on the collection of samples from both the shallow and the deep oceanic water
column for trace metal analysis. We note that aerosol dust sampling and sediment-water
interface sampling procedures for trace metal analysis also exist; however, these methods
fall outside the scope of this chapter and are not discussed here.

The three main difficulties a marine trace metal chemist is confronted with at sea
during sample collection are (Gillain et al. 1982):

. Representative samples — obtaining a sample that accurately represents, both in time and

space, the conditions of the water chemistry of the system targeted for the study is
challenging. This concern is of primary importance for a relevant description of the
system of interest (Wilde and Radtke 1998). Where the trace metal or parameter of
interest is expected to vary dramatically in space or time (e.g. coastal settings), high
spatial- and/or temporal-resolution sampling is needed to account for this variability. For
metals with conservative (i.e. invariant, or salinity related) distributions, fewer sampling
points may be needed. Obtaining representative samples also includes a need to store or
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process (e.g. filtration) samples accordingly to avoid artefacts from storage (e.g. bottle
adsorption or contamination levels). For samples that are sensitive to rapid chemical
alterations (e.g. Fe** oxidation), special time-sensitive precautions may need to be
deployed in the field.

Minimizing contamination —the main sources of contamination in the field are the sampling
platform, the personnel and the sampling device. For open ocean environments, where
large research vessels are required, the vessel must be considered as the main source of
contamination in surface waters. Generally, research ships, owing to their Fe structure
and other metal features such as propellers, Zn anodes, paint and engine exhausts, act as
large sources of trace metals to the immediate environment (Gillain et al. 1982; Tovar-
Sanchez 2012). Thus, care must be taken when collecting surface samples or when
deploying sampling devices, for example, by considering the ships’ draught and wind as
well as current direction relative to sources of contamination (Gillain et al. 1982; Tovar-
Sanchez 2012). Where possible, such as in coastal studies, surface samples may be
collected from small non-metallic boats.

Sampler choice — reliable devices and techniques to minimize and eliminate
contamination during surface water and deepwater sampling have been developed by the
community over several decades (Tovar-Sanchez 2012) and are now standardized and
intercompared by programmes such as GEOTRACES (e.g. Cutter and Bruland 2012;
Middag et al. 2015a). The volume of sample needed, the sampling depth and the
element/s of interest are key factors when choosing a sampling device. Although the
choice of appropriate samplers for collecting trace metal samples is fundamental,
adequate cleaning treatments (i.e. flushing the sampler with low trace metal seawater
multiple times before use, and conditioning of the device), verifying cleanliness and
correct handling of the devices are also vital (Capodaglio et al. 2001).

Commonly used trace metal clean samplers and analytical techniques are detailed in the
following sections. The description of samplers is supposed to guide the reader through
available and mature low-cost and high-priced sampling devices that are currently in use
for trace metal sample collection by the scientific community. At present, the trace metal
clean rosette (see Sect. 3.3.1.1) is the workhorse of the trace metal community and the
backbone for the collection of large datasets within the GEOTRACES programme (see
De Baar et al. (2008) for a brief history of GEOTRACES sampling systems). This chapter
also introduces low-cost devices that provide lower-resolution solutions, facilitating
relatively low-cost trace metal observations and allowing the filling of current gaps in
data coverage in environments not accessible with a rosette system. The low-cost systems
can produce equally high-quality data if trace metal clean procedures are followed (see
Sect. 3.2), but as for all systems, rigorous intercomparison of results and crossvalidation
of protocols are recommended (Cutter et al. 2017).

Dissolved Trace Metal Sampling

Depth Profile Sampling
When sampling below the surface (~ > 10 m), the choice of the sampling device is made



based on the study objective, analytical requirements, characteristics of the system and
the available capabilities. General approaches used for deepwater and vertical profile
sampling are akin to those used by surface seawater sampling activities (see Sect. 3.3.1.2)
and commonly include pump set-ups and/or discrete bottle sampling. Care should be
taken not to touch the bottom with the deployed water sampler, as disturbed sediments
and associated metals could contaminate the sample or damage the sampler. The deepest
sampling depth is commonly 5-10 m above the bottom. Further, it has to be noted that
instrument deployments during strong currents can result in an error (underestimation) of
the deployment depth (Turk 2001), if not checked by pressure sensors attached to the
instrument itself. Additionally, if the deployment platform is drifting, care has to be taken
that the bottom depth remains deep enough to avoid running the instrument aground.

Discrete Bottle Sampler Systems

Bottle samplers allow marine chemists to obtain discrete samples from specific water
depths, both in shallow and deep waters (e.g. Cunliffe and Wurl 2014; Cutter et al. 2017;
Van Dorn 1956). This section covers the use of bottle samplers in deep waters (for use in
surface waters, see Sect. 3.3.1.2). Bottle samplers can be obtained in different sizes and
generally consist of a cylinder or ‘bottle” with stoppers at each end (Cunliffe and Wurl
2014) that can be closed at a desired depth, either manually using a messenger or
electronically.

Fig. 3.4 Photographs of a custom-built acrylic bottle sampler (a) (photograph credit: Dario Omanovic,
Rudjer Boskovic Institute, Croatia) and a commercially available GO-FLO sampling bottle attached to a
Kevlar cable (b), or with messenger (c) (photograph credit: Gert van Dijken, Stanford University, USA)

The electronic version is preferred in deep waters. To minimize contamination, trace
metal clean bottle samplers are often made of transparent acrylic or fluoropolymer-lined
opaque PVC, and their interior is totally free from metal parts (Fig. 3.4; see Box 3.4;
Cunliffe and Wurl 2014). The earliest version of a (non-trace metal clean) bottle sampler
is commonly referred to as Van Dorn sampler, but since the establishment of the
GEOTRACES programme, external spring bottles such as internally fluoropolymer-
coated ~10-12 L Niskin-X and GO-FLO bottles are most commonly used (Fig. 3.4),
obtained from General Oceanics (see Cutter and Bruland (2012) for more details), or
Ocean Test Equipment (slightly different samplers). Different laboratories have also
constructed custom-designed bottle samplers based on requirements, with an example
being the Royal Netherlands Institute for Sea Research (N10Z) Titan system which



makes use of custom-designed ‘Pristine’ bottles (see Rijkenberg et al. (2015)) (Fig. 3.5d).

Bottle samplers can be individually or serially attached directly to a non-metallic cable
(e.g. Kevlar) to allow contamination-free sampling or mounted on a carousel (Fig. 3.5),
which is often referred to colloquially as a CTD rosette (because of sensors measuring
conductivity, temperature and depth), or just a rosette, to allow marine chemists to obtain
discrete water samples from various depths (Bruland et al. 1979; Cunliffe and Wurl 2014;
Van Dorn 1956). The latter is commonly used for depth profiling during GEOTRACES
expeditions. However, regular rosette systems, like regular bottle samplers, are too
contaminating to collect pristine water samples for trace metal analysis. Modifications are
thus required. Such modifications typically take the form of coating the regular rosette
frame with epoxy or replacing it with titanium and removing any sacrificial metal anodes.
Such ‘trace metal clean’ rosettes are then loaded with trace metal bottle samplers. One of
the first such trace metal clean rosette-based systems for collecting trace metal samples was
designed by the Trace Metal/Plankton Group at Moss Landing Marine Laboratories, first
used by Murray izt al. (1992) and described by Sanderson et al. (1995).
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Fig. 3.5 Photographs of various trace metal clean rosette samplers. Photographs of the Japanese Niskin-X
sampler system (a) (photograph credit: Taejin Kim, Pukyong National University, South Korea), a
commercially available CTD rosette system from General Oceanics with GO-FLO bottles (b) (photograph



credit; Antonio Tovar Sanchez, ICMAN (CSIC), Spain), a modified small CTD system (c) (photograph
credit: Antonio Tovar Sanchez, ICMAN (CSIC), Spain) and the custom-built NIOZ sampling system (d, €)
(with its lightproof samplers rather than the original PVDF samplers; Rijkenberg et al. 2015) that can be
transferred to a custom-designed clean laboratory container for processing (photograph credit: Loes
Gerringa, NIOZ, Netherlands)

Today, ‘trace metal clean’ rosettes are commercially available for ocean sampling (e.g.
Seabird Scientific or General Oceanics) and are widely used for clean water sampling.
Currently, a number of different varieties of trace metal multiple bottler samplers in
various size ranges are in use, such as the GO-FLO trace metal rosette used by the US
GEOTRACES programme (Cutter and Bruland 2012), the NIOZ Titan system (De
Baar et al. 2008) and the Japanese Niskin-X sampler system (Obata et al. 2017) (Fig. 3.5).

Similar to the individual bottle deployment, a rosette arrangement allows samples to be
taken at different water depths with a vertical resolution of ~5 m (Strady et al. 2008). One
of the major advantages of a rosette sampler, however, is the possibility for simultaneous
collection of multiple samples at one depth. This simultaneous collection is especially
useful when large volumes of water are needed for experimental work such as
culturing/incubation studies or when studying elements and isotopes with inherently low
seawater concentrations (e.g. radium (Ra)). Further advantages of a rosette system are: (i)
faster deployment compared to the deployment of multiple bottle samplers on a cable, (ii)
higher-resolution sampling capability since more bottles can be used during a single
deployment and (iii) higher reliability in relation to messengers (see below) that
sometimes fail to trip bottles at the desired depth that is often estimated rather than
measured, in contrast to a rosette system (Sanderson et al. 1995).

When deploying individual bottles on a Kevlar cable, a (plastic covered) weight
should be attached to the bottom of the cable, several meters below the last sampler, to
keep the cable taut. Prior to deployment, the bottles should be attached to the cable and
armed (closure system ready for use). Each sampler, except the one closest to the bottom,
will be equipped with a plastic-coated metal weight or ‘weighted messenger’ attached to
the Kevlar cable via a lanyard. When the bottles are at their desired depth, the first
messenger will be dropped down the cable by the investigator which closes the first
sampler by tripping the spring-loaded valve (closure system) (Cunliffe and Wurl 2014).
This mechanism also causes the next messenger to drop, closing the subsequent samplers
in rapid succession. Enough time has to be allowed for the messengers to trip each
sampler—which can take up to 1 h in 6000 m water depth — before winching the cable to
the surface (Measures et al. 2008). By touching the cable with one hand, it is possible to
feel a strong ‘thump’ on the cable as each messenger triggers the subsequent sampler.
Upon recovery, plastic gloves can be placed over the spigots of bottles before the bottles
are transferred to a clean room for sample collection and filtration via the sampling
valves/spigots (Cutter and Bruland 2012). It is critical to note and record if there are any
leaks from the samplers or any open samplers upon retrieval, since leakages and open
bottles may affect the integrity of the sample and/or may result in contamination. When
using bottle samplers to collect shallow waters (<100 m), it is also critical to be aware of,
and to avoid, sources of surface contamination, for example, the wake or plume of trace
metals associated with a research ship. Thus, discrete bottle sampler systems (either
individual or on a rosette) are usually not used to sample water shallower than 10 m for



trace metals.

Some of the individual bottle samplers and rosette systems can be deployed with

bottle samplers in the open position, while others can be deployed with bottle samplers in
the closed position — since they open themselves automatically at a fixed depth (usually
~10 m) to avoid contamination of the sampler by the surface microlayer (SML) which is
particularly rich in trace metals (Caroli et al. 2001). During descent, the open bottle
samplers are flushed. Commonly, individual samplers on a cable are closed prior to
ascent, while rosette systems close samplers during the ascent. Rosette systems either
close at pre-programmed depths (using a pressure sensor) or are triggered electronically
via the conducting cable at the desired depth (Fitzsimmons and Boyle 2012; Measures et al.
2008). The bottles can either be closed on the fly (usually at winch speeds of 0.3 m/s), so
the bottles are always moving into clean water that has not been in contact with the rosette
frame (to avoid possible contamination of the water via the frame), or after 1-2 min after
reaching the desired depth to allow the temperature and salinity readings of the CTD sensor
to equilibrate. The latter is commonly done for titanium systems that pose minimum risk
of contamination due to the absence of sacrificial anodes and other contaminating metal
components.

As with regular rosette systems, trace metal rosettes are also commonly equipped with
various sensors (e.g. for oxygen, fluorometer and transmissometer) including
conductivity, temperature and pressure (CTD) sensors providing real-time readouts
during deployment if deployed via a conducting hydro wire. After recovery, the rosette is
secured, plastic covers are often immediately placed on top of the bottle samplers, and
plastic gloves are placed over the spigots. Typically, bottle samplers are then removed
individually from the rosette frame and carried into a dedicated clean laboratory/bubble,
where they are secured to a purpose-built rack for sub-sampling (Cutter and Bruland
2012). An alternative approach is to use a custom-built option like the NIOZ Titan system
(Fig. 3.5), where the bottle samplers remain on a custom-built titanium frame, and the
whole frame is transferred to a custom-designed clean laboratory container for
processing, without needing to remove individual bottles (Rijkenberg et al. 2015). The
NIOZ Titan system has been proven to be effective and clean (Middag et al. 2015a) and
has some other advantages over commercial systems. For example, the Titan system was
motivated by problems with GO-FLO bottles, specifically that their closure system is
notoriously fickle in cold waters (Measures et al. 2008). To address this issue, the Titan
system houses 24 polypropylene (lightproof) or PVDF samplers (23 L), so-called pristine
samplers, with butterfly valves that close the bottles hydraulically. A drawback of this
system is its size and weight, limiting deployment from smaller ships and requiring a
strong winch and cable.

Box 3.4 Cleaning Bottle Samplers

There is some discussion about whether cleaning of water samplers mounted
on a CTD rosette (i.e. GO-FLO and trace metal Niskin bottles) is needed or
desirable before and between system deployments. If these bottles are cleaned,
acid concentrations should be kept low (0.1 M HCI is recommended in the
GEOTRACES ‘Cookbook’; Cutter et al. 2017), and no acid should contact the
outside of the bottle, the nylon components in particular.



Other discrete, bottle-based sampling systems that can be used for depth profiles are
the MITESS (moored in situ trace element serial sampler; Bell et al. 2002) or an
autonomous underwater vehicle (AUV) sampler. Although the former was designed for
moorings (see below), the system can also be deployed on a hydro wire to collect vertical
trace metal profiles in a so-called VANE mode (Fitzsimmons and Boyle 2012). In the
VANE mode, the MITESS is loaded into a weathervane-type PVC and polycarbonate
structure that orients the sampler upstream of the potentially contaminating hydro wire
(Fitzsimmons and Boyle 2012). The system then autonomously opens and closes a pre-
cleaned sampling bottle at a desired depth. Trace metal samplers based on AUV systems
are currently being developed and tested for trace metal clean sampling of mid-waters and
deep waters in areas that are not easily accessible with research vessels, that is, areas near
or under ice shelves, sea ice, and icebergs.

Pumping System on CTD Rosette

A so-called pump CTD system enables water sampling with higher volume (effectively
unlimited volume) and higher resolution (vertical resolution of 1 m) relative to the typical
bottle sampler rosette (Strady et al. 2008). This configuration allows for the detection of
small vertical structures in trace metal distribution across interfaces (e.g. the nutricline or
the redoxcline) or the halocline (Strady et al. 2008). The CTD pump system combines a
rosette and a pump system, i.e. a peristaltic pump, and was developed in 2001 in
collaboration between IOW (Institut fur die Ostseeforschung, Warnemiinde) and MPI
(Max Planck Institute for Microbiology, Bremen). The system consists of a submersible
CTD rosette with fluoropolymer-coated Niskin bottles, an acoustic Doppler current
profiler (ADCP), a pump probe and a digital flow meter for the water stream. The flow
rate of the system at ~300 m can be up to

2.9 L min—? (Strady et al. 2008), and the water is pumped directly through a nylon hose to
a clean laboratory on board ship for sub-sampling. However, the use of a pump typically
limits the application of the system to a depth down to around 350 m (Strady et al. 2008).

Moored in Situ Serial Samplers

Moored in situ trace metal samplers have been developed for time series sampling to
resolve temporal and seasonal variabilities in trace metal concentrations in various marine
environments (Bell et al. 2002). Such in situ samplers collect and preserve samples for
later laboratory analysis. Moored in situ samplers can be very useful (Bell et al. 2002),
especially for established monthly time series stations such as at the Southern Ocean
Time Series (SOTS; Trull et al. 2010), Bermuda Atlantic Time Series Study (BATS;
Michaels and Knap 1996) and the Hawaiian Ocean Time Series (HOT; Karl and Lukas
1996). Currently, there are various moored samplers available that are suitable for trace
metal work, with the most notable examples being MITESS (Bell et al. 2002) and ACE
(autonomous clean environmental sampler; Fig. 3.6¢, d; van der Merwe et al. 2019).
Other systems such as PRISM (portable remote in situ metal; Mueller et al. 2018) and
ANEMONE (advanced natural environmental monitoring equipment; Okamura et al.
2013) are also available, and others will likely be developed. Both the MITESS and the
ACE samplers are selfpowered and can be deployed for 6-12 months at various depths
on standard deep- sea moorings.



Fig. 3.6 Photographs of the MITESS (a) (photograph credit: Edward Boyle, Massachusetts Insitute of
Technology, USA), the MITESS module in the VANE configuration (b) (photograph credit: Jessica
Fitzsimmons, Texas A & M University, USA) and the ACE sampler (c) and module

(d) (photograph credits: Pier van der Merwe, University of Tasmania, Australia)

A comparative advantage of the moored samplers compared to the commonly used
rosette sampler is that the deployment itself requires no trace metal expertise, since the
entire sampler is prepared in a clean room and no additional handling is necessary (Bell et
al. 2002; van der Merwe et al. 2019).

The MITESS collects unfiltered 500 mL samples at any depth by opening and closing
a sample bottle lid at a predefined depth. The time-controlled bottles are originally filled
with high purity dilute acid that is replaced by denser seawater during sampling via
passive density-driven flow (Bell et al. 2002). These samples are preserved over the
deployment time of several months at pH 2.5 by the diffusion of high purity acid out of a
diffusion chamber inside of the bottle. The sampler itself is made entirely out of ultra-high
molecular weight polyethylene (UHMW) and can hold up to 12 bottles that are
individually controlled by independent modules so that the failure of a single unit does not
affect the entire set of the time series samples (Bell et al. 2002). The MITESS is
programmed by wireless communication, and the electronic board retains a record of the
timing of bottle opening and closure (Bell et al. 2002). A comparison of Fe data of GO-
FLO and MITESS on the GEOTRACES IC2 expedition in 2009 did not show any
differences between the two sampling systems, indicating that these samplers can be used
interchangeably to collect trace metal samples, either on moorings or for discrete samples
in the “VANE’ mode (Fitzsimmons and Boyle 2012). Potential issues with MITESS,
however, are that the seawater is not filtered prior to being acidified (meaning that some
portion of ocean particulate material will be dissolved during deployment) and that
biofouling may occur, since the sample intake is not physically removed from the sampler
body.

In contrast to MITESS, the ACE sampler collects filtered (0.2 um, polyethersulfone
filter membrane) samples into 65 mL fluoropolymer containers. The time-controlled
sampler works by drawing seawater through up to 12 individual intake tubes via acid-
washed filters into the UHP filled sample bottles using individually programmable micro-



peristaltic pumps (density displacement mechanisms; van der Merwe et al. 2019). The
intake tubes are maintained in an upstream position relative to the device to minimize
contamination during sampling (van der Merwe et al. 2019). A key advantage of this
system is that samples are filtered to remove particles, and intake pots are made of PFA
which together with their small surface area reduces biofouling and thus potential
sampling artefacts and contamination (van der Merwe et al. 2019). However, a
disadvantage of the ACE system is the fact that the filtered samples can only be acidified
back in the laboratory after recovery of the sampler which might result in low-biased
results due to wall absorption.

ROV-Based Discrete Samplers

Remotely operated vehicles (ROVs) with manipulator arms that operate on spatial
resolutions on the single cm scale are a useful tool for sampling high trace metal
environments such as under ice, near sediments or within fluids from hydrothermal vents
and seeps along oceanic spreading centres, subduction zones and subsurface volcanoes.
Multiple samplers such as the isobaric gas-tight sampler (IGT; Seewald et al. 2002), the
titanium syringe sampler (Majors sampler; Von Damm et al. 1985) and the Kiel pumping
system sampler (KIPS; Garbe-Schonberg 2006) are commonly in use to collect trace
metal samples at a depth of up to 4000 m and can be easily attached to a ROV
manipulator arm (Fig. 3.7).

Fig. 3.7 Photographs of KIPS (a), Majors (b) and IGT (c) samplers attached on the manipulator arm of the
ROV MARUM QUEST (photograph credit: MARUM — Centre for Marine Environmental Sciences,
University of Bremen, Germany). Photo (d) shows the sample collection system of the KIPS device
(photograph credit: Dieter Garbe-Schonberg, Christian-Albrechts-University Kiel, Germany)
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These samplers are made of titanium or other inert materials, are acid and temperature
resistant to withstand the hot and acidic conditions of hydrothermal working areas, are
fully remotely controlled and are filled through a titanium nozzle or snorkel which can be
directly inserted into the vent orifice or other localized trace metal sources. The Majors
sampler can collect samples of up to 750 mL, but is non-gas-tight and designed to release
pressure during ROV recovery. The IGT sampler can collect samples of 150 mL and is
gas-tight up to 450 bar to prevent degassing of the sample during ascent, thereby avoiding
precipitation and chemical alterations of the prevalent trace metals (Seewald et al. 2002).
This sampler can thus be used to characterize major, trace, semi-volatile and volatile
components (Seewald et al. 2002). The KIPS device was specifically designed for trace
metal clean work (Garbe-Schonberg 2006). This device consists of a manipulator
operated titanium nozzle with PFA (perfluoroalkoxy) tubing that leads to the PFA
sampling flasks that are non-gastight. The latest version has up to seven PFA sampling
flasks that are remotely controlled by motor-driven open-close valves (Garbe-Schonberg,
pers. commun.). The PFA flasks have a volume of 750 mL, and in situ filtration and/or in
situ fixation units can be added in-line. Large volume sample bags up to 10 L have also
been successfully filled using the KIPS system. Various other sensors and probes (i.e.
temperature, pH, oxygen) can be mounted on either of the samplers to record in situ
parameters at the point of sampling, which can be transmitted directly to the ROV control
room in real time. While such ROV-based samplers have proven their use in high trace
metal environments, they are not commonly utilized in open ocean situations, due to the
elevated level of background contamination compared to traditional bottle samplers.

Surface Sampling

There are three general approaches that can be used for surface water sampling (0-10 m):
(1) pumping water to the surface from the depth of interest; (2) sampling by bottles
lowered to an appropriate depth by line, sampling device or pole and then closed
manually, automatically (pressure triggered) or by a signal from the surface; and (3)
adsorbing the metals or compounds of interest on an appropriate material lowered to the
desired depth (Capodaglio et al. 2001). Additionally, for sampling the microlayer at the sea
surface, special approaches have been developed (see below). For trace metal clean
sampling of surface waters that are not easily accessible, such as areas near ice shelves,
sea ice and icebergs, drone sampling systems are currently being developed, spearheaded
by the University of Tasmania, Australia.

Discrete Bottle Samplers

As described in Sect. 3.3.1.1, bottle samplers can be individually or serially attached to a
Kevlar cable to allow marine chemists to obtain discrete water samples from various
depth intervals, including near the surface if this can be done without contamination
(Bruland et al. 1979; Cunliffe and Wurl 2014; Matamoros 2012; Van Dorn 1956).
Individual bottle samplers can be deployed in two configurations,

i.e. horizontal (type alpha) or vertical (type beta), depending on the study objectives
(Cunliffe and Wurl 2014; Matamoros 2012). Type alpha samplers are ideal for sampling
at the thermocline, narrow stratification layers or just above the bottom sediment
(Cunliffe and Wurl 2014; Matamoros 2012). For more information on the bottle samplers,
deployment and recovery, the reader is referred to Sect. 3.3.1.1.



Continuous Flow Samplers

Pumping systems, i.e. peristaltic pumps and diaphragm pumps (preferably an all-
fluoropolymer inert type pump), with an extended inlet tube are frequently used by
marine chemists to allow continuous and high-volume trace metal sampling (bulk
sampling) of the near-surface water column (1-10 m) (Fig. 3.8) (Cunliffe and Wurl 2014;
Tovar-Sanchez 2012). Prior to sample collection, it is recommended to condition the pre-
cleaned tubing by pre-rinsing before collecting the unfiltered or filtered (in-line filtration)
sample into an acid-cleaned sample container (Cunliffe and Wurl 2014), preferably in a
clean space. To avoid contamination during sampling, the tubing should be extended ~3—
4 m away from the sampling platform by attaching it to a plastic telescope bar or by
deploying it via a boom or crane, which is usually the case for towed sampling devices
as described next.

There are several versions of towed sampling devices (often referred to colloquially as
‘tow-fish’ or ‘towed fish’) that are deployed by marine trace metal chemists from a
moving ship (Bowie and Lohan 2009; Cunliffe and Wurl 2014; Cutter et al. 2017,
McDonnell et al. 2015; Tovar-Sanchez 2012). The simplest type consists of a subsurface
torpedo-shaped heavy vehicle (Fig. 3.8). The water intake PTFE tube is attached to the
nose of the towed fish, oriented into the oncoming water and connected to a PTFE
diaphragm pump or a large peristaltic pump on board which supplies the sample water
directly into the shipboard clean space (Cunliffe and Wurl 2014; Cutter et al. 2017,
McDonnell et al. 2015; Vink et al. 2000). For underway surface sampling, commonly at
relatively low speeds, the system is deployed from a boom or crane outside the bow wake
of the ship to avoid sample contamination (Cunliffe and Wurl 2014; Cutter et al. 2017;
McDonnell et al. 2015). Faster speeds are possible with this system if there is little or no
swell and the towed fish remains outside of any breaking bow waves Cutter et al. 2017.
Various sensors can be attached to the fish to provide accurate depth and temperature
data. It is important to note, however, that most pumps are often not self-priming and may
not be able to lift water to a height greater than 10 m (Cunliffe and Wurl 2014).

Fig. 3.8 Photographs of a peristaltic pump sampling system deployed via a rubber boat (a) (photo credit:
Antonio Tovar Sanchez, ICMAN (CSIC), Spain) and a towed-fish sampling system deployed via a crane
for continuous flow sampling of near-surface seawater (b, ¢) (photograph credit: Loes Gerringa, NIOZ,
Netherlands)



Passive Samplers

Passive sampling techniques are based on the diffusion of a metal of interest from the
seawater onto a collecting medium (the passive sampler), owing to Dickian molecular
diffusion and a greater binding affinity of the metal of interest with the passive sampler
relative to seawater (Knutsson 2013). The metals will concentrate on the passive sampler
until a steady-state concentration gradient from seawater to the passive sampler is reached
(Knutsson 2013; Zhang and Davison 1995). Passive sampling devices can be deployed
for long periods of time (often days or months before saturation is reached) to provide
long-term, time-weighted averages of the concentration of a metal in the water column or
to accumulate sufficient concentration of a metal for analysis (Allan et al. 2008; Zhang
and Davison 1995). Consequently, the use of passive samplers is beneficial in
investigations where concentrations of metals are low and/or fluctuate widely (Allan et al.
2008). Passive samplers can provide a more representative picture of overall trace metal
concentrations in a system of interest compared to active sampling techniques that
commonly just sample one point in time (Allan et al. 2008; Davison and Zhang 1994;
Zhang and Davison 1995). However, it is important to note that trace metal data from
passive samplers do not equate to trace metal data from active samplers, since passive
samplers exclusively sample the labile fraction of metals in situ, that is, the metal fraction
that can easily diffuse through, and be adsorbed by, the passive sampler. This feature
excludes various phases of the dissolved pool — for example, metals that are strongly
bound to organic ligands — and thus passive sampler metal measurements are generally
lower than dissolved metal concentrations. Therefore, passive samplers provide
information on the supposedly ‘bioavailable’ metal fraction, i.e. the metal fraction that
can be taken up by marine organisms, and consequently, passive samplers offer more
toxicologically relevant data relative to active samplers (Allan etal. 2008) (see Box 3.5).
While passive samples can be deployed in deeper waters on moorings, they are more
commonly used in shallow waters in coastal areas.

The main passive samplers used for monitoring trace metals in marine waters are the
diffusive gradient in thin film (DGT) device and the Chemcatcher (Fig. 3.9; Schintu et al.
2014). DGTs were developed by Zhang and Davison (1995) and consist of a small piston-
like plastic device containing a Chelex 100 layer as a receiving phase overlaid with a
well-defined diffusion layer of polyacrylamide hydrogel protected by a filter membrane
(Fig. 3.9) (Allan et al. 2008; Schintu et al. 2014). The Chemcatcher comprises a
fluoropolymer sampler body that retains a chelating disk as a receiving phase overlaid
with a cellulose acetate diffusionlimiting membrane (Allan et al. 2008; Schintu et al.
2014). A comparison study of the DGT device and the Chemcatcher demonstrated that
the two sampling devices provided similar information and were able to integrate
concentrations reliably during their deployment period in surface waters (Allan et al.
2008). For field deployment, DGTs and Chemcatchers should be fixed between Perspex
plates attached to a rope and a buoy to hold the devices in place (stationary) (Fig. 3.9).
The time of deployment and retrieval must be recorded by the investigator to the nearest
minute for later calculation of metal concentrations (Knutsson 2013). After recovery,
samplers must be rinsed with UPHW water, preferably under clean conditions, and placed
into two plastic bags for their transport in ice boxes back to the land-based laboratory.
Gloves must be worn at all times when handling the passive sampling devices.
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Fig. 3.9 Cross section of a functional DGT assembly (Figure courtesy of Billie Benedict, University of
Otago, New Zealand) (a), and photograph of a diffusive gradient in thin film (DGT) passive sampler with
DGTs and temperature data loggers mounted in acrylic plate holders for easy deployment and retrieval (b,
¢) (photograph credit: Amir Mohammadi, University of Waikato, New Zealand)

Box 3.5: Limitations of Passive Sampling Devices

Environmental factors can affect passive sampling including biofouling,
presence of dissolved organic carbon (DOC), water turbulence and changes
in temperature and salinity (Schintu et al. 2014). All these factors can alter the
uptake rates of metals using the passive samplers and can thus create bias in
field evaluations (Schintu et al. 2014). In particular, most of the environmental
variables that can influence passive sampling measurements in the field are not
fully accounted for in the laboratory-based calibration studies
(i.e. quantification of the metal diffusion coefficient (D¢) through the diffusion
layer of the sampler), which introduces uncertainty in the time-weighted
averages of the metal concentration estimates.

Sea Surface Microlayer (SML) Sampler

Sampling devices that are commonly used to sample the sea surface microlayer (SML),
defined as the top 1-1000 pum of the surface ocean, for trace metals include plate-, tube-,
and screen-samplers (Fig. 3.10) (Cunliffe and Wurl 2014; Tovar- Sanchez et al. 2014;
Tovar-Sanchez et al. 2020). These devices are usually deployed from shore or from a non-
metallic boat. Two sampling materials are typically chosen for the samplers owing to their



characteristic hydrophobicity, namely, borosilicate glass and plexiglass (plate- and tube-
sampler). In the field, after preconditioning of the sampler (i.e. dipping it into surface
water), the sampler is dipped into the ocean until most of the surface area is submerged
and then withdrawn through the SML at a slow rate while wearing polyethylene gloves
(Ebling and Landing 2015). After recovery, the sampler is held over a receiving bottle for
the sample to drip off (Ebling and Landing 2015). The process is repeated until the
desired volume of sample is acquired. To reduce contamination issues of the sample
during sample handling (e.g. exposure to airborne particles), rotating glass drum
samplers are gaining more and more attention (Fig. 3.10) (Cunliffe and Wurl 2014). The
drum sampler can be towed over the water surface to sample the SML via capillary force,
and the sample can then be collected into pre-cleaned containers (Cunliffe and Wurl
2014).

Fig. 3.10 Photographs of a sea surface microlayer (SML) plate sampler (left) (photo credit: Antonio Tovar
Sanchez, ICMAN (CSIC), Spain), and a SML drum sampler prototype (right) (photograph credit: Dario
Omanovi¢, Rudjer Boskovic Institute, Croatia)

Pole Sampler

One of the simplest methods to collect surface water samples is the manual collection of
the water sample into pre-cleaned containers by submerging the sample bottle either
directly from a non-metallic small boat or by using a non-metallic telescoping ‘pole’ (Fig.
3.11) (Tovar-Sanchez 2012). The bottle can be attached to the bottom of the pole with
non-metallic clamps or secured on the pole via a plastic frame (Bowie and Lohan 2009;
Turk 2001). The pole sampler can be deployed from shore or a non-metallic boat or even
from a larger research vessel if conditions permit. The sampler should be deployed into
the direction of the current to avoid sampling water that has been in contact with the
sampling platform. Prior to collecting the sample, the sampling container should be
conditioned (two or three times) with seawater below the SML. The pole is then
submerged with the open bottle upside down, and at the desired depth, the system is
turned to fill the bottle with ambient seawater. It is recommended that the investigator
closes the bottle below the surface (wearing gloves) to avoid contamination from the
SML (Cunliffe and Wurl 2014), which is particularly rich in trace metals (Capodaglio et



3.3.2

3.3.2.1

al. 2001). To allow the collection of water samples at a specific depth, the bottle
can be plugged with a non-contaminating silicone stopper attached to a line that the
investigator pulls when the bottle is at the designated depth — the depth can be marked on
the pole (Turk 2001). After recovery of the system, the sample bottles are immediately
double bagged in polyethylene bags and processed in a clean room environment as soon
as possible. When sampling for dissolved species, water is usually filtered as quickly as
possible and then acidified with ultrapure reagents either shipboard or back on land (see
Sect. 3.4.1).

Fig. 3.11 Photographs of a pole sampler for collecting near-surface water samples directly from the coast
or from an inflatable rubber boat (photograph credit: Dario Omanovi¢, Rudjer Boskovic Institute, Croatia)

Particulate Trace Metal Sampling

Oceanic particles are an important, yet perhaps less quantified, part of the oceanic trace
metal inventory. However, with advances in particle collection and analysis coming in
recent years linked to large-scale field programmes such as GEOTRACES, this trace
metal fraction is gaining more and more attention in the scientific community (Fig. 3.1)
(e.g. McDonnell et al. 2015). Sampling for particulate metals can be done using ship-
board filtration from trace metal bottle samplers, if their volume is sufficient to collect
enough particles to measure the element of interest (see Sect. 3.3.2.1) (McDonnell et al.
2015; Planquette and Sherrell 2012) or by larger volume in situ filtration systems (see
Sect. 3.3.2.2). GEOTRACES intercalibration efforts have shown that there is no
systematic difference between particulate trace metals collected by direct bottle filtration
and by in situ filtration, suggesting that these sampling strategies can be used
interchangeably (Planquette and Sherrell 2012).

Bottle Sampler Collection

Once bottle samplers as used for dissolved metal sampling are back on deck, particles can
be collected from the samplers, directly by pressurising the samplers to allow filtration
(in-line filtration) or by filtering sub-samples from secondary containers after sub-
sampling (off-line filtration) (Fig. 3.12). There are advantages of using bottle samplers for
particle collection, namely, that the particulate metals collected can be related directly to
dissolved metals measured from the exact same depth and that multiple sample depths
can easily be collected from a single rosette cast.
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Fig. 3.12 Photograph of a custom-built off-line particulate trace metal set-up (photograph credit: Mathijs
van Manen, NIOZ, Netherlands). For the off-line particulate trace metal set-up, water samples were
collected from the bottle samplers right after recovery into secondary containers to decrease between-cast
turnaround time (Cutter et al. 2017)

The disadvantages are that only relatively small volumes can be filtered (10s of L) and thus there may
be insufficient particulate material to measure some low-level trace metals of interest and that there is
the possibility of particle loss by settling in the sampler prior to filtration. The latter requires that the
investigator mixes samplers regularly and limits filtration time to 1-2 h (Cutter et al. 2017;
McDonnell et al. 2015; Planquette and Sherrell 2012).

In Situ Filtration

In contrast to bottle sampler filtration, in situ filtration techniques allow the collection of
very large volume (e.g. ~500 L; Twining et al. 2015b) size-fractionated samples of marine
particulate matter from a single depth in the water column (Cutter et al. 2017), although
multiple samplers can be deployed in sequence on a non-metallic cable to obtain a
depth profile of particles in one single cast (McDonnell et al. 2015). Several titanium and
stainless steel in situ systems are currently in use, including the ship-powered multiple
unit large volume in situ filtration system (MULVFS, deployable to 1000 m depth;
Bishop et al. 2012; Bishop et al. 1985), the battery-powered in situ McLane Research
Laboratories Large Volume Water Transfer System (WTS-LV; referred to as ‘McLane
pumps’; Fig. 3.13; deployable to 5500 m depth in water temperatures from 0 to 50 °C;
Morrison et al. 2000) and the Challenger Oceanic Stand-Alone Pump System (SAPS;
deployable to 6000 m depth; Fig. 3.13). Generally, multiple filters can be used for size
fractionation in the samplers, and various filter types are available depending on the
metal and the particle size of interest (McDonnell et al. 2015).
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Fig. 3.13 Photographs of a McLane in situ pump (left) (photo credit: Alex Fox, Science Writer) and a
Challenger Oceanic Stand-Alone Pump System (SAPS) (right) (photo credit: Maeve Lohan, University of
Southampton, United Kingdom)

Depending on the system used, the target depth, the filter used and the prevalent particle
concentration, large volumes of seawater can be filtered per cast with a pump speed of 1-50
L min—* (Bishop et al. 2012; McDonnell et al. 2015). Conventionally, in situ pump
systems are programmed to sample for several hours, but this obviously depends on the
research objective and sample region.

Underway and towed sampling systems can also be used for the collection of
particulate trace metals in surface waters via systems such as the towed fish using in-line
filtration (Hales and Takahashi 2002; McDonnell et al. 2015). While these systems
improve spatial and temporal resolutions in the upper water column as well as minimize
the amount of ship time dedicated to sampling, particles might disintegrate or flocculate
during collection (due to turbulent fluid environments in the tubing from the underway
samplers to the ship) which inhibits quantitative assessments of size distributions
(McDonnell et al. 2015).

Trace Metal Clean Sample Handling and Storage

Trace metal clean sample protocols have to be applied during all stages of sample
handling and storage (see Sect. 3.2.2), especially during sample manipulation,

e.g. acidification. Samples should be processed as quickly as possible after recovery of the
sampling device to minimize loss of trace metals by absorption on samplers and/or bottles
and avoid chemical alteration and/or speciation changes. The following sections illustrate
required sample processing and handling steps at (near) ambient conditions.
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Dissolved Trace Metal Samples

Large volume samples for operationally defined dissolved metals should be filtered
through 0.2 um cartridge filters such as Pall AcroPak capsules (Cutter et al. 2017).
Investigators will typically choose a specific filter type and protocol tailored to their
element of interest, choosing filters which have historically been shown to have low
contamination. Different laboratories also follow different pre-cleaning protocols and use
different filter brands, but a typical process is that the filters are cleaned with mild HCI,
rinsed with UHPW and stored in UHPW before use (Cutter et al. 2017). Care must be
taken to match the filter material and type with an appropriate cleaning method — for
example, some filter types such as cellulose acetate filters should not undergo cleaning
procedures besides rinsing with UHPW or sample media since they degrade under acidic
conditions. Other materials may also not tolerate harsh acid cleaning.

R - “ Fig.
3.14 Photographs of various filter set-ups for dissolved trace metals: in-line bottle filtration through
Sartobran cartridge filters directly from the sampler (a) (photograph credit: Micha Rijkenberg, NIOZ,
Netherlands), off-line filtration using an acid-cleaned vacuum filtration unit
(b) (photograph credit: Dario Omanovi¢, Rudjer Boskovic Institute, Croatia), off-line filtration through
acid-cleaned plastic syringes (c) (photograph credit: Dario Omanovi¢, Rudjer Boskovic Institute, Croatia)
and syringe filtration within a ‘glove box’ under an inert gas atmosphere (d) (photograph credit: Andrea
Koschinsky, Jacobs University Bremen, Germany)

Filtration of large volumes of water from bottle samplers through 0.2 um cartridge
filters is most efficient under positive pressure (filtered nitrogen (N2) or compressed air)
or vacuum (max. 0.5 bar) (Fig. 3.14a). However, care should be taken to avoid excessive
pressure to prevent the risk of exploding bottles and/or the rupture or lysis of algal cells
retained by the filter which may release intracellular metals into the sample (Apte et al.
2002; Cutter et al. 2017). Gravity filtration is not recommended for large volume samples
over 0.2 um filters owing to the slow flow rate which can lead to absorption or chemical
alterations of the sample (Fig. 3.14) (Cutter et al. 2017). New filter capsules should be
flushed, e.g. with ~0.5 L sample seawater prior to use and with ~0.2 L sample seawater in
between different samples. One filter can be used for multiple depth profiles, preferably
working from the surface to the deep, or filters can be dedicated to certain
depth intervals,

i.e. surface and deep ocean (Cutter et al. 2017). However, reusing of filters should be



done with extreme care, especially if gradients are expected in the study region, for
example, when going from particulate-rich samples around hydrothermal vents or near-
sediment to surface samples. Filtration of small sample volumes can also be done using
acid-cleaned plastic syringes with pre-cleaned filters, but this is typically too time-
consuming for large samples (Fig. 3.14c). When sampling waters which are anoxic or from
low-0xygen environments, once bottle samplers are brought to the surface, samples
should be processed within a ‘glove box’ under an inert gas atmosphere (Fig. 3.14d). This
approach ensures that the integrity of the sample is maintained, i.e. minimization of the
ratio of oxidation and precipitation reactions which may change the phase (dissolved to
particulate) and/or speciation of trace metals of interest (e.g. US-Geological-Survey
2006). However, it is important to note that a headspace of an inert gas such as N has
been shown to facilitate outgassing of CO. which can lead to changes in pH of the
sample with potential consequences for dissolved metal concentrations and speciation
(Fitzsimmons and Boyle 2012).

Prior to collection of a filtered seawater sample into an acid-cleaned sample collection
bottle (see Sect. 3.2.4), it is recommended to condition and rinse the empty sample bottles
(including the cap) at least three times with the filtered seawater sample, each of which is
discarded to waste, before finally filling the bottle with the sample. Sample bottles for
dissolved trace metal or isotope analysis should be filled to the bottle shoulder to ensure
that bottles are filled to the same amount and thus acidified to a similar acid concentration
later on (Cutter et al. 2017). Ideally, acidification of the sample to below pH 2 should be
carried out as soon after filtration as possible (Cutter et al. 2017), in order to avoid wall
adsorption that can take a long time to resolubilize (Jensen et al. 2020). Sometimes,
however, shipboard acidification is not practical. In this case, filtered samples that are
stored unacidified should be left for an appropriate time after acidification and before
processing (typically several months), in order to resolubilize metals which have adsorbed
to the container walls. The preferential method of sample acidification is to add a volume
of concentrated ultraclean HCI to achieve a final concentration of either 0.012 or
0.024 M HCl in the sample, depending on the element of interest and the preference of the
research group (Cutter et al. 2017). Use of HNOs for acidification is typically avoided
because it complicates commercial transport of these samples (Cutter et al. 2017).
Following acidification, sample bottles should be tightly closed and double bagged in
resealable polyethylene bags for storage (preferably at room temperature and in the dark)
until analysis. Labels should be put both on the sample bottle and the bag, so that samples
can be kept organized.

For dissolved metal speciation (organic ligand) samples, filtered samples (0.2 pum)
should be stored in acid-clean bottles, kept at natural pH (without acidification) and either
stored in the fridge (+4 °C) or frozen (=4 °C or —20 °C) until voltammetric analysis in the
home laboratory or measured ‘fresh’ directly on-board ship (Bruland et al. 2000; Buck et
al. 2012; Padan et al. 2020; Sander et al. 2005). In all cases, speciation samples must be
stored in the dark in order to prevent photodegradation of the prevalent ligands, and it
should be verified that the pre-cleaning procedure does not result in leaching of acid into
the sample (i.e. a gentle acid cleaning procedure should be used). The most appropriate
storage procedure of metal speciation samples, which avoids changes in speciation
parameters pending analyses, is still a topic of discussion in the marine chemistry
community (e.g. Buck et al. 2012).
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Size-Fractionated Dissolved Trace Metal Samples

Current understanding of the cycling of metals is largely based on observations of the
dissolved metal fraction, which is usually operationally defined as everything that passes
through a filter with 200 nanometre pores (0.2 um; see Fig. 3.1). However, such a sharp
boundary does not reflect the continuum in which metals are actually present in seawater,
which ranges from truly dissolved molecules (<0.02 um soluble fraction) to
nanoparticles (<100 nm) via colloidal size(<200 or <400 nm) and even larger-size
particles (Santschi 2018). Ultimately, all size cut-offs are arbitrary operational definitions,
and at some point, the question whether something is a very small particle, or a relatively
large molecule becomes a philosophical question. Perhaps the more interesting scientific
consideration is, however, at what point molecular Brownian motion becomes dominant
over gravitational settling (Honeyman and Santschi 1989; Wells and Goldberg 1992) or,
in other words, whether a substance behaves like a particle or a dissolved substance. Such
behaviour is of course a function of both particle size and density, as well as other factors
such as temperature (e.g. Farley and Morel 1986) that are beyond the scope of the
discussion in this chapter, but should occur somewhere around the transition from the
colloidal to the particulate size class.

Metal size fractionation studies generally focus on the difference in size classes of
particles and colloids before and after filtration, i.e. trace metal levels of particles in
solution (the filtrate) and retained on the filter (the retentate) (Bergquist et al. 2007;
Fitzsimmons and Boyle 2014b; Fitzsimmons et al. 2015a; Fitzsimmons et al. 2015b;
Ussher et al. 2010). The most common practice used to classify trace metal
concentrations beyond the dissolved and particulate fraction is referred to as ultrafiltration.
Ultrafiltration (UF) is a pressure-driven filtration process that separates particulate matter
from truly colloidal and soluble compounds using an ultrafine membrane media. For this,
a 0.2 um filtered seawater sample —with commonly used capsule filters that are not
suitable for studying the material retained on the filter — undergoes another so-called UF
step, often using either cross-flow filtration (CFF) or Anopore filter membranes. With this
step, the soluble metal fraction can be obtained in the filtrate, and the difference between
the dissolved (0.2 um fraction) and soluble (UF fraction) gives the calculated colloidal
metal fraction. The Anopore filter membranes have a pore size of 0.02 um, whereas CFF
filters are often defined by the cut-off size of molecules they let pass through, e.g. 10 kDa
in case of a Millipore Pellicon XL (PLCGC) filter (Fitzsimmons and Boyle 2014a; Jensen
et al. 2020), complicating direct comparison of size fractions between the two filtration
techniques. There are advantages and disadvantages of both filtration techniques— for
example, CFF is quicker for filtering larger volumes of seawater, but it is a more complex
technique and requires more expensive equipment, more cleaning and more training. In
contrast, Anopore filter units are cheaper and simpler to user, but much slower for
filtering larger volumes. However, Anopore may be the better choice if only small
volumes of sample (e.g. <150 mL) are required for analysis of the parameter of interest.
For a more comprehensive discussion of the pros and cons of each filtration technique,
when deciding which to use, we refer the reader to Fitzsimmons and Boyle (2014a).



3.4.3 Particulate Trace Metal Samples

AKkin to the definition for dissolved metals, the ‘particulate’ trace metal phases are also
operationally defined, based on particle size (see Sect. 3.3.2; Box 3.6). To collect
particulate trace metals from bottle samplers, the use of pre-cleaned polycarbonate
or fluoropolymer filters holders with polyethersulfone (PSE) or mixed cellulose ester
filters of diameters between 25 and 47 mm is recommended (Cutter et al. 2017) (Fig.
3.15).

Fig. 3.15 Photographs of a stacked syringe filter system (a) (photograph credit: Dario Omanovi¢, Rudjer
Boskovic Institute, Croatia), and an in situ pump filter holder disassembled inside of a HEPA filtered clean
air bubble (b) (photograph credit: Alex Fox, Science Writer, picturing Vinicius Amaral, University of
California, USA). The filter holder shown in (b) can contain several filters for in situ size fractionation.
Picture (c) shows a 51 um polyester mesh filter and (d) shows a 0.8 um polyethersulfone (PES) filter.
Filters (c,d) can be sub-sampled for multi-investigator use (photograph credit: Daniel Ohnemus, Skidaway
Institute of Oceanography, USA)

Depending on the type of analysis, it is usually advised to use the smallest filter diameter to
maximise the particle loading per filter area and thus ensure a sufficient sample to filter
blank ratio. The implemented filter pore size varies depending on the research objective,
but 0.45 um is currently the GEOTRACES standard for particulate trace metal sampling.
If continuous size fractionation of the particulate trace metal pool is of interest, it is also
possible to use different filter pore sizes with a single syringe in a stagged configuration
(Fig. 3.15a).

For the actual filtration, the acid-cleaned filter holders with pre-cleaned filters should
be connected to a pressurized bottle, container or pump outlet using acid- cleaned tubing
(Fig. 3.14a). Trapped air in the filter holders should be cleared by unscrewing the holder
to allow a small volume of water to flow around the filter, before the sample water can
pass through the filter. The volume of water passing the filter must be recorded for later
quantification (i.e. by collecting the water in a secondary container or measuring
cylinder) and can vary drastically depending on the area of interest and associated particle
loading in the water column. If the filter clogs, filtration should be stopped, and the
filtrate volume should be recorded. To avoid filter rupture (pressure built up), the filtering
rate should not exceed about one drop per second (Cutter et al. 2017). As stated by Cutter
etal. (2017), filtration times
>2 h should be avoided to prevent speciation changes and particles settling within the
bottle. It is also important to seal and tighten the filter holder appropriately (i.e. avoid
miscalculation of filtrate volume) and to ensure that the filter lies flat for successful
filtration (i.e. trapping all particles on the filter). Leaking membrane filter holders should



be identified and recorded since they can be a major source of contamination. Further,
each filter holder should be marked with a unique number, so that samples can be kept
organized.

To collect particulate trace metals from in situ pumps, various filter sizes (both
membrane diameter and pore size) and plastic filter types can be used depending on the
research objective and the preferred filter digestion method (McDonnell et al. 2015).
GEOTRACES intercalibration expeditions have shown that cleaned polyethersulfone
(PES) filters are a good choice for trace metal work (Bishop et al. 2012). Akin to the
filtration step for the bottle samplers, multiple filter plates with different pore sizes can be
paired for in-line size fractionation work (Fig. 3.15) with particles typically defined as
suspended, slowly sinking or fast sinking (Riley et al. 2012) or relatively large- and
small-size fractions based on used filter sizes (Lam et al. 2015). Most filter holders also
contain a baffle system, i.e. a prefilter (plastic film or grid cover), sitting on top of the
first filter to reduce turbulence, distribute particles evenly across the filter and minimize
particle loss during pump retrieval (Bishop et al. 2012). An advantage of the in situ
sampler is the possibility to distribute filter sub-samples to multiple investigators owing to
the large filter holder size of many commercially available in situ pumps (~142 mm for
standard McLane pumps and MULVFS) (Fig. 3.15c, d) (McDonnell et al. 2015).

Box 3.6: Ultrafiltration for Colloids and Particulates

It is also possible to study particulate trace metals collected on filters during ultrafiltration
(UF; see Sect. 3.4.2). Commonly, particulate trace metals are studied on filters with pore
sizes of 0.2 um, 0.4 um or larger; however, smaller fractions can be studied even though
this process is more time-consuming and thus less practical. The longer processing time is
problematic for maintaining the integrity of most trace metals (i.e. precipitation, chemical
alteration, adsorption), especially for Fe given its tendency for wall absorption when
samples are not acidified on time scales of hours (Fitzsimmons and Boyle 2012).
Consequently, when relatively large ultrafiltered volumes are needed for analysis of the
‘soluble’ phase, preference is given to filters with a fast flow rate to avoid artefacts and
alterations occurring during filtration (Jensen et al. 2020). However, none of those
commonly used ‘fast’ filters allow assessment of retained material. For instance, cross-
flow filtration (CFF) filters are not designed to capture the colloids that partly end up on
the filter with the majority in the retentate. By contrast, Anopore filters may capture the
colloid fraction, but are made electrochemically by the anodic oxidation of aluminium and
contain particulate Fe inclusions; the latter makes these filters unsuitable for common
chemical leaching and/or digestion techniques as well as microscopy techniques aimed at
identifying and quantifying colloidal Fe (Fitzsimmons and Boyle 2014a). Thus,
investigators interested in the colloidal fraction of trace metals need to implement UF with
filters that are free of metals (low filter blank) such as polycarbonate (PC) filters or
polyethersulfone (PES) filters (Cullen and Sherrell 1999). However, previous testing of
these two filters resulted in slow flow rates, and thus these filters were deemed unsuitable
for UF studies of trace metals (Fitzsimmons and Boyle 2014a). Other colloid
separation techniques such as reverse osmosis-electrodialysis Koprivnjak et al. 2009) or
flow field-flow fractionation techniques (Santschi 2018) do exist but have, to the best of
our knowledge, so far, not been used to study colloidal trace metals in a contamination-free
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manner.

When filtration is complete, either on board or using an in situ pump (see Sects.
3.3.2.1 and 3.3.2.2), residual water in the filter holder has to be removed using syringes or
vacuum to reduce the residual sea salt matrix for analytical simplicity (Cutter et al. 2017).
Inside a laminar flow bench, filter holders should be disassembled, and filters should be
removed using plastic acid-cleaned forceps before storing them individually in a clean
labelled petri dish, tube or similar, at
—20 °C freezer to physically stabilize the sample. For larger filters, the primary filters
may be cut up using a ceramic acid-leached blade scalpel to provide sub-samples.
Photo documentation of the filter before and after sub-sampling can be of use to
document filter heterogeneity Cutter et al. 2017. Once filters are removed, the filter
holders should be rinsed with acid and UHPW before next use.

Prior to analysis of the particulate trace metals, the filters and/or the material on them
needs to be digested (Sherrell and Boyle 1992). Various full or partial digestion techniques
and protocols are available depending on the metal of interest, the filter used and whether
the filter should stay intact or not. After digestion the digest can be (re-)diluted with a
specific matrix solution prior to analysis (Sherrell and Boyle 1992). Rather than a full
digestion of the particulate metal pool, researchers can also carry out partial digestions or
‘leaches’ with leachates of various strength to characterize a specific portion of the
particulate trace metal pool, e.g. labile, refractory, bound to carbonates, bound to organic
matter, etc. (Berger et al. 2008; Tessier et al. 1979). Sequential leaching techniques can
also be used to characterize multiple fractions of the particulate trace metal pool.
Although more time-consuming and costly, sequential leaching methods provide more
detailed information about the origin and fate of trace metals in the study area (Tessier et
al. 1979). Overall, many protocols exist for digestion and leaching methods that are not
further detailed here but can be found elsewhere (e.g. Ohnemus et al. 2014; Rauschenberg
and Twining 2015; Twining et al. 2015a).

Sample Processing and Analytical Techniques

Once a clean sample of seawater is collected, filtered, acidified (if appropriate for the
element and analytical technique of interest) and stored, the next challenge is to analyse
the sample for trace metal concentrations (see Sect. 3.5.1), isotopic composition (see Sect.
3.5.2) or speciation (see Sect. 3.5.3). This chapter has already discussed the challenges of
collecting and processing contamination-free samples, and such procedures must be
maintained throughout analysis to generate accurate results. However, contamination-
free analysis is not trivial since most analyticalmethods aim to pre-concentrate the trace
metals into a smaller size sample for analysis, and such an approach usually involves the
use of multiple reagents, equipment and steps. Further, the challenges of pre-
concentration and/or measuring the very low concentrations of trace metals and isotope
ratios in seawater accurately are compounded by the sea-salt matrix, which contains very
high concentrations of major ions such as Na*, Ca** and CI— (at typical salinity these
ions are present at 35 g kg~?), all of which can interfere with the signal of interest.

As mentioned in Sect. 3.2, the advent of trace metal clean sampling and handling
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3.5.1.1

techniques in combination with advances in modern analytical chemistry and
instrumentation was critical to obtain a first-order understanding of the concentration of
trace metals in seawater, later followed by insights in both their speciation (see Sect. 3.5.3)
and isotopic composition (see Sect. 3.5.2). Notably the availability of the graphite furnace
as the sample introduction system to an atomic absorption spectrometer (GF-AAS) in the
mid-1970s was pivotal, but this was superseded by flow injection techniques (FIA) which
pre-concentrated the metal(s) of interest onto a column (Sohrin and Bruland 2011;
Worsfold et al. 2014) and which have since largely been supplanted by the (even) more
sensitive and powerful high-resolution (HR) inductively coupled plasma mass
spectrometers (ICP-MS) (Sohrin and Bruland 2011). While flow injection methods are
often still used shipboard, ICP-MS is the current standard for determination of trace
metals and their isotopes (TEIs) in shore-based laboratories as it provides high sensitivity,
high accuracy, low limits of detection (LOD), linear response to the analyte(s) over a
wide dynamic range and high sample throughput and is a powerful tool for the
simultaneous determination of multiple elements.

Here we describe ICP-MS techniques for trace metal analysis in Sect. 3.5.1.1,
shipboard flow injection techniques (FIA) for trace metal analysis in Sect. 3.5.1.2.,
systems for in situ trace metal analysis in Sect. 3.5.1.3, multi-collector ICP-MS
techniques for trace metal isotope analysis in Sect. 3.5.2 and voltammetry techniques for
trace metal speciation in Sect. 3.5.3. Throughout, for further reading, we mainly refer the
reader to synthesis review articles or textbook chapters as a starting point, rather than
attempting to cite all of the available research on the topic.

Trace Metal Concentration Measurement Techniques

ICP-MS Techniques

Several varieties of ICP-MS exist (Olesik 2014), including high-resolution sector field
(HR-SF) and quadrupole instruments that differ in how they separate analytes from each
other and how they resolve interferences, which is beyond the scope of this chapter. A
HR-SF-ICP-MS is typically required in laboratories analysing seawater samples,
principally in order to resolve interferences from the argon (Ar) carrier gas
typically used by ICP-MS instruments (Sohrin and Bruland 2011; Wuttig et al. 2019). In
an ICP-MS, a sample is vaporized in the sample introduction system, and its elements are
atomized and then ionized in an Ar plasma. The resulting ions enter the vacuum inside
the instrument through two interface cones,i.e. the sampler cone and the skimmer cone,
which focus and guide the ions into the mass spectrometer. The mass analyser separates
ions according to their distinct mass to charge ratios (m/z) via magnetic and electrostatic
fields before they reach and are measured at the detector. Variations in the magnetic and
electrostatic fields allow detection of different ions based on their m/z ratio, where
charge is usually +1 (or +2) in the plasma.

However, different elements can have ions with the same m/z ratio, and this must be
carefully addressed. For example, Fe and Ni have isotopes at mass 58
(57.9332744 and 57.9353429 amu, respectively), and thus any signal measured at m/z 58
will have contributions from both *®Fe* and *®Ni*. Such interferences are described as
‘isobaric’ and can be avoided by measuring another isotope of the element of interest or



by doing a subtraction correction by measuring another isotope of the element without
interference and applying a natural abundance ratio. Typically, isobaric interference
peaks are too close together in m/z to be separated by HR-SF-ICP-MS, unlike many
‘polyatomic’ interferences (see below). A second potential isobaric interference type
comes from doubly charged ions (e.g. 1**Sn** also has a m/z of 58), but these are typically
only formed at low levels in the plasma and as such only become a problem if that
element is present at high concentrations in the sample.

The second potential type of interference on ICP-MS is known as a ‘polyatomic’
interference and arises from polyatomic molecules that are formed by the combination of
two (or more) molecules in the plasma. For example, when measuring Fe, the most
abundant isotope is *°Fe, which does not have isobaric interferences. However, in the case
of *°Fe*, several polyatomic interferences cause problems, especially

PArtO* from the carrier gas and “°Ca'®O* that can come from the seawater matrix.
Another particularly problematic polyatomic interference arising from the seawater
matrix is MoO™ which interferes with Cd measurements. Such interferences can cause
issues for low-resolution instruments such as quadrupole ICP-MS, which may not be able
to resolve the interference from the peak of interest. HR-SF-ICP-MS addresses many
polyatomic interferences by using a higher ‘resolution’, which allows peaks that are close
to each other to be separated (resolved). To obtain a higher resolution, narrower ‘slits’ are
used that further constrict the ion beam and thus allow better separation of ions with very
similar m/z. This separation achieves the goal of avoiding interferences, but comes at the
expense of sensitivity (signal size) as less ions reach the detector. Alternatively, modern
quadrupole ICP-MS instruments can be used, utilising ‘reaction cells’ as an alternative
method to minimize polyatomic interferences for seawater applications (Jackson et al.
2018). In such instruments the m/z of the interference (or the target analyte) is changed in
the reaction cell via a chemical reaction, allowing subsequent separation. Here we have
focused on the more widespread use of HR-SF-ICP-MS.

Avoiding or correcting for interferences can be challenging, depending on the sample
matrix and the relative concentrations of interferences and analytes of interest. Thus, the
operation of a HR-SF-ICP-MS or any other types of ICP-MS for the determination of
trace metals requires substantial expertise that varies with the application and objective
of the research and the element of interest. Further discussion on this is beyond the
scope of this chapter. In the next sections, we focus on matrix removal (salt matrix) and
pre-concentration applications. These applications are required before most analytical
techniques can be implemented, including ICP-MS. This section is then followed by
some more detail on ICP-MS analysis techniques commonly used within the trace metal
community.

Matrix Removal and Pre-Concentration Prior to ICP-MS Analysis

From a limit of detection perspective, the concentrations of most marine trace metals
should be measurable directly using a HR-SF-ICP-MS without pre-concentration.
However, the salt matrix prevents such direct injection of marine samples into the
instrument as the high concentration of salts (Na*, Ca?*, CI™) leads to interferences and
clogging of the cones and introduction system, resulting in substantial reduction and
variations in signal sensitivity as well as inaccuracy. Thus, most ICP-MS seawater trace
metal concentration techniques (as well as FIA; Section 3.5.1.2) and isotope ratio



techniques (Section 3.5.2.2) involve a matrix removal step prior to analysis.

A matrix removal step typically also has the added benefit of constituting a significant
pre-concentration step as analytes of interest are concentrated at the same time as the
analyte is isolated from the (interfering) major ions in the matrix. Pre-concentration
methods include co-precipitation with Mg, solvent extraction and/or solid-phase
extraction (SPE) with chelating resins (Sohrin and Bruland 2011), where the latter is now
the most commonly used technique in trace metal chemistry (Wuttig et al. 2019).

Typically, for SPE, a chelating ligand is immobilized by covalent bonds on a
stationary resin phase packed in a column or sometimes added to the resin as beads (Lee
etal. 2011b). A seawater sample solution of which the pH is adjusted to the right range,
depending on the chelating resin and analyte of interest, is subsequently passed over the
resin column where the analyte of interest forms a chelate with the resin’s binding sites
and is thus retained. Major matrix ions such as the sea salts (Ca, Na, K etc.) are usually not
retained by the resin at certain pH, and hence the pH of the sample solution plays a key
role during matrix removal methods using SPE. The retention efficiency (recovery) of
the analyte of interest on the resin is also dependent on the seawater sample pH and thus
should be observed carefully and adjusted if necessary using appropriate reagents
(buffers or acids) (Sohrin and Bruland 2011). After retention, the analyte of interest is
eluted from the resin with an appropriate acidic eluent. Typically, this is done with a
much smaller volume than the original seawater sample, leading to a substantial pre-
concentration factor (Fig. 3.16). A range of chelating resins exist and have been used
historically by trace metal chemists, but notably Nobias PA-1 has become increasingly
popular (Sohrin and Bruland 2011). This chelating resin is also used in the column
material of the commercially available SeaFAST system (Elemental Scientific (ESI)), an
automated pre-concentration system for undiluted seawater (Lagerstrom et al. 2013;
Wuttig et al. 2019). This system is currently considered ‘state of the art’ and in use in
many trace metal clean laboratories around the world, including the Royal Netherlands
Institute for Sea Research (NIOZ; the Netherlands). The following section details some
of the typical procedures, analysis steps and experiences gained by the NIOZ laboratory
team using the SeaFAST system, as an example of a commonly used pre-concentration
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Fig. 3.16 lllustration of a solid-phase extraction (SPE) of metals on a Nobias Chelate-PA1 column in three
steps (right) (figure courtesy of Elemental Scientific (ESI)), and a photograph of a SeaFAST (left)
(photograph credit: Patrick Laan, NIOZ, Netherlands). SPE Extraction: (1) Loading: in this step seawater



at the right pH passes over the column, and analyte(s) of interest (M) are retained, whereas the matrix
(salts) mostly passes through. (2) Rinsing: in this step the remaining seawater and most salts are rinsed
from the column. (3) Elution: the analyte(s) of interest are eluted from the column with elution acid that
can subsequently be analysed by ICP-MS

SeaFAST: Automated Extraction of Metals from Seawater

The SeaFAST system consists of an autosampler, a syringe pump module and valves that
pre-concentrate metal(s) from acidified seawater samples onto the resin, and then either
elute the analyte(s) directly into an ICP-MS system when using the in-line configuration
(see Box 3.7) or collect the eluent in small vials for later analysis during the off-line mode
(Lagerstrom et al. 2013). The latter mode is used in the NIOZ laboratory (Gerringa et al.
2020) and other trace metal clean facilities (e.g. Rapp et al. 2017; Waulttig et al. 2019) as
it saves on instrument runtime and allows for better multi-resolution analysis on the
ICP-MS (see Box 3.7). After off-line extraction (i.e. extracting the metals from the
seawater matrix with the SeaFAST system), a whole batch of collected samples can be
run right after each other using the ICP-MS with minimum idle time of the plasma,
especially when using a high-throughput sample introduction system (e.g. the double loop
MicroFAST MC (Elemental Scientific (ESI)) as in use in the NIOZ laboratory).
Lagerstrom et al. (2013) describe the SeaFAST system in more details, but general steps
regarding sample loading, pre-concentration, matrix removal and metal elution steps are
briefly described below (Fig. 3.16).

Box 3.7: SeaFAST in-Line Versus off-Line Configuration

When using the SeaFAST in the in-line mode, the ICP-MS is running and idle,
while the SeaFAST is still in the pre-concentration step, resulting in higher
(and wasted) analysis costs. Additionally, the analytes are detected as an
elution curve, meaning that the signal builds up to a maximum and decreases
again in the shape of a peak. An ICP-MS generally does not measure analytes
simultaneously but has to cycle through the analytes of interest which takes
time especially if switching between resolution (low or high resolution to
resolve interferences; see Sect. 3.5.1.1) is required, limiting the number of
analytes that can be measured in an elution curve (i.e. after a given amount of
time, the peak has passed so there is only a limited number of elements that can
be measured in that time). Nevertheless, the in-line mode can be useful for
method development of new analytes of interest, for example, testing when an
analyte is eluted off the column with a given eluent. When using the SeaFAST
off-line, the collected eluent is homogeneous in concentration, enabling
analysis of as many analytes as the eluent volume allows, where obviously a
greater elution volume leads to lower sensitivity as the analyte concentration
is diluted.

During operation of the SeaFAST system, an autosampler probe moves into the
sample and fills a sample loop (typically 10 mL) using an integrated vacuum pump. The
sample loop is ‘overfilled’, i.e. the loop gets rinsed by the first ~2 mL of sample which
goes to waste (i.e. 12 mL is taken up of which 10 ml stays in the loop). Subsequently, by
syringe pump action, the 10 mL sample is pushed from the loop, buffered to the



appropriate pH using an ammonium acetate buffer (see Box 3.8) and immediately passed
over the Nobias PA-1 pre-concentration resin column. Prior to mixing, the buffer solution
is passed over a ‘clean-up’ column with the same chelating resin as the pre-concentration
column to minimize any trace metal contribution from the buffer solution. Depending on
the needed pre-concentration factor, sequential 10 mL aliquots can be pre-concentrated
over the column, where at NIOZ, 2 x 10 mL (20 mL) is commonly pre-concentrated for
low-metal open ocean samples. After sample loading, UHPW is pushed over the pre-
concentration column to remove the residual salt matrix remaining in the column. The
ensuing elution of the chelated metals on the resin then occurs in the reverse direction
(compared to sample loading) with elution by ultra-pure 1.5 M nitric acid into a clean
sample vial using pressurized N2 gas as a carrier. The volume (and strength) of elution
acid can be varied depending on required ICP-MS analysis time and/or the
desired pre-concentration factor. At NIOZ, a volume of 350 pL is typically used,
resulting in a pre-concentration factor of ~57x (20 mL sample preconcentrated into 0.35
mL). A choice of sample vials can be used, including LDPE, PFA, polyvinylidene
difluoride (PVDF) or polypropylene (PP), as long as they are rigorously cleaned before
initial use and between different samples (see Sect. 3.2.3).

Box 3.8: Solid-Phase Extraction (SPE) and pH

At NIOZ, a pH of 58 + 0.2 (obtained with a more dilute buffer than
recommended by the manufacturer) has been determined optimal for the suite
of routinely measured metals using the SeaFAST (Middag et al. 2015a),
whereas a slightly higher pH and a more concentrated buffer are often used in
other laboratories (Wuttig et al. 2019). There is a trade-off between pH and
recovery, notably for Mn and Fe where a somewhat lower pH leads to better
recovery for Fe, but below a pH of 5.5, recovery for Mn becomes non-
guantitative (Middag et al. 2015a). Thus, it is important to check the pH of the
seawater that passed the pre-concentration column regularly (easily done at the
waste outlet of the SeaFAST) and monitor recovery in every extraction run.
However, different laboratories report slightly different optimum pH, implying
that the recovery of metals might vary between different set-ups depending on
local laboratory conditions and practices.

The SeaFAST columns are cleaned after elution with 1.5 M nitric acid to eliminate
carry-over (memory effects) of subsequent samples. Nevertheless, some carry-over can
still occur — for example, Rapp et al. (2017) reported a carry-over of 0.5-1.3% for Fe and
Ni, and Wauttig et al. (2019) also observed carry-over of <1% for some elements of
interest. The carry-over effect can be minimized by pre-concentrating samples from
presumably low to high initial trace metal concentrations or by processing of low-metal
seawater and/or dummy samples (i.e. where the eluent is not collected but deposited in
the waste of the system) in between samples.

At NI1OZ, prior to pre-concentration using the SeaFAST system, an aliquot (30
mL) of each filtered and acidified seawater sample is pipetted into an acidcleaned FEP
bottle, followed by addition of hydrogen peroxide (see Box 3.9) and an internal standard
(see Box 3.10). In addition to major ions, seawater contains organic material, i.e. ligands,



that can chelate metals (see Sect. 3.5.3 on speciation). Some of these organic ligands are
destroyed by acidification after sampling, but others can persist in the sample, interfering
with the extraction of metals from seawater via the chelating resins. In particular, Co and
Cu chelated to dissolved organic ligands can pass through the pre-concentration column
without binding to the resin (see Box 3.9; Fig. 3.17) (e.g. Biller and Bruland 2012;
Lagerstrom et al. 2013; Middag et al. 2015a; Rapp et al. 2017; Wuttig et al. 2019). Using
UV digestion after hydrogen peroxide addition (see Box 3.9) of samples prior to
extraction destroys the organic ligands that chelate trace metals in solution which would
otherwise outcompete the resin’s functional groups (see Box 3.9).
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Fig. 3.17 Concentrations of Cu and Cd in acidified natural seawater, determined as a function of UV
digestion time (Biller and Bruland 2012)

Box 3.9: UV Digestion

Rapp et al. (2017) and Wuttig et al. (2019) assessed the influence of quartz and FEP vessels
on UV digestion efficiency and contamination. No difference between a FEP bottle and a
quartz cuvette was observed with regard to the efficiency of UV digestion using either
vessel material. However, contamination from quartz vessels was observed for Pb, Ti, Fe
and Zn, whereas an increase in Ti was observed in the PTFE bottle during UV digestions
(Rapp et al. 2017; Waulttig et al. 2019). These tests suggest that FEP bottles are suitable
for UV digestion with the added advantage of being suitable for rigorous cleaning
protocols due to their inert behaviour when subjected to hot acids, thus decreasing
contamination from the digestion vessel. Moreover, FEP bottles can be placed directly
into the SeaFAST autosampler after the digestion step, minimizing further sample
handling.

At NIOZ, samples inside FEP bottles are irradiated in a custom-built UV box
containing 4 TUV 15 W/G15 T8 fluorescent tubes for 4 h (Fig. 3.17) after addition of
clean hydrogen peroxide (final concentration ~ 30 uM). The addition of hydrogen
peroxide leads to the formation of reactive radicals during the UV irradiation, assisting in
the breakdown of organic ligands. Using this procedure, an increase in concentration of
17% and 15-50% for Cu and Co, respectively, has been reported after UV digestion of
samples (Wulttig et al. 2019). After irradiation, the samples are usually left for at least



another 4 h to cool to room temperature and to let any leftover radicals react prior to the
SeaFAST pre-concentration step.

A typical batch of samples processed at NIOZ, besides actual samples, consists of
calibration standards (standard additions), reference samples and blanks (acidified
UHPW). Natural seawater containing low concentrations of metals (e.g. North Atlantic
surface water) is used as the matrix for standard additions, but if that is not available,
low-metal seawater can be made by passing it over a chelating resin column. A
calibration line is made by adding increasing amounts of in-house prepared multi-element
stock standard solution (from high purity commercial standard solutions) with natural
isotopic abundances to known volumes of the low-metal seawater (typically 30 mL). The
highest added concentration depends on expected concentrations in the samples where the
multi-element stock standard should be designed so that the highest standard addition is
approximately 120% of the highest expected sample concentration. Usually, a calibration
is prepared in duplicate where one set is extracted preceding the samples and one set
extracted after the samples, in order to be able to account for any drift (changes in
instrument sensitivity) or changes in recovery of the chelating resin over time.

An alternative approach for calibration is the use of the isotope dilution technique,
which has been successfully used for seawater samples with SeaFAST extraction in the
past (e.g. Lagerstrom et al. 2013; Rapp et al. 2017). This approach involves the addition
of a known volume of a ‘spike’ made by dissolution of a highly purified single isotope of
an element. For example, for Fe, where natural Fe abundance is 92% for >®Fe and just 2%
*"Fe, a spike may be prepared that is 99% °’Fe. This way, by adding a known amount of
>"Fe spike to a known amount of acidified seawater, prior to SeaFAST pre-concentration,
and then measuring the ratio of *Fe/*’Fe in the pre-concentrated sample via ICP-MS, the
original amount of natural sample Fe can be calculated (and then converted to a
concentration using the volume or mass of the original sample). The benefit of the isotope
dilution method is that *°Fe/°"Fe ratios are not affected by recovery efficiency (i.e.
efficiency of resin in retaining the element of interest), and so the sample concentration of
Fe obtained is unaffected by incomplete recovery on the SeaFAST, variable recovery of
different samples or changes in intensity of the signal on the ICP-MS during the
analytical run. However, isotope dilution is not possible for monoisotopic elements, such
as Mn and Co, and thus multiple elemental analysis requires a combination of isotope
dilution and standard additions (if those elements are of interest). It also takes time and
money to purchase and prepare spike solutions. Further, spike addition should be broadly
matched to the expected concentration of the metal of interest (with some flexibility), and
so it can be complicated to prepare a multi-element spike that is appropriate for a range of
seawater samples (e.g. when Cd can vary from 0.00003 to 1 nmol kg™ in a North Atlantic
seawater depth profile, while Fe only varies from 0.1 to 0.6 nmol kg™*; Schlitzer et al.
2018).

It is also worth noting that the methods used for trace metal isotopic analysis in Sect.
3.5.2 also often make use of isotope dilution techniques on larger volumes of seawater to
generate concentration datasets. Ultimately, the choice between SeaFAST standard
addition and SeaFAST isotope dilution (or other methods such as flow injection analysis)
often depends on the capacity, capability and experience with one or the other method in a



given laboratory, as both calibration methods have been shown to produce accurate,
comparable and publishable results—and both have led to datasets included in
GEOTRACES data products (see Sect. 3.6).

At NIOZ, besides calibration standards, a suite of in-house reference samples is
processed in every SeaFAST extraction run (see also Sect. 3.5.1.4). These reference
samples are usually (acidified) sub-samples of a large sample stored in 20 L batches in
large acid-cleaned containers and are used to track the consistency within and between
extraction runs. At N1OZ, North Atlantic deep water, North Atlantic surface water and
column-cleaned low trace metal seawater (natural seawater passed over a large Nobias
PAL1 column prior to acidification) are typically used as in-house reference samples as
they cover a wide range of trace metal concentrations. Triplicate samples of the in-house
reference samples are extracted with the start and end calibration of each run and at least
once in between the actual samples. In selected extraction runs, community consensus
reference samples (CCRS) from the GEOTRACES programme (see
https://www.geotraces.org/standards-and-refer- ence-materials/) are also run to verify the
in-house reference samples to these CCRS. The CCRS were collected by trained experts
at various global locations into large volume seawater containers and then sub-sampled
into smaller LDPE bottles for distribution within the trace metal community. For
example, the SAFe samples were collected from the SAFe station in the North Pacific and
were made available to investigators by Ken Bruland at UC Santa Cruz (Johnson et al.
2007). The CCRS have been traditionally used (and accuracy and precision reported) by
investigators measuring trace metal concentrations. However, most of these samples are
now exhausted at the source, with laboratories using up what stocks exist. Thus, given the
scarcity of the CCRS, these are usually measured only once or twice at NIOZ for all
extraction runs for a specific expedition or project.

Besides the calibrations and reference samples, sample ‘blanks’ are also processed in
each extraction run to quantify any contamination introduced via reagents, sample
handling and instrumental processing. At NIOZ, acidified UHPW is used as such a
‘blank’. The metal measured in the blank is then subtracted from the measured sample
concentration to account for any added contamination. It is important to verify the
cleanliness and performance of the SeaFAST system prior to extracting ‘real’ samples
for a project by running and analysing blanks and in-house reference samples to
ensure satisfactory performance of the SeaFAST, i.e. good recovery and low blanks
(ideally at least a factor 2 lower than the lowest observed concentrations). Analytical
considerations regarding measurement precision, accuracy, blanks and data evaluation
are further detailed in Sects. 3.5.1.4 and 3.6.

ICP-MS Analysis Following Extraction

When a full set of samples with calibration lines, reference samples and blanks has been
extracted with the SeaFAST, the extracts can be measured on the ICP-MS. It is also worth
mentioning that prior to the SeaFAST being available, trace metals were concentrated for
ICP-MS using resin beads, Mg co-precipitation or in-house-built chelating resin column
systems (e.g. Biller and Bruland 2012; Lee et al. 2011a; Sohrin and Bruland 2011; Wu
2007). In all cases, the methods end up with a small volume of acid that contains the pre-
concentrated trace metals of interest ready for analysis by ICP-MS.
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After tuning of the relevant ICP-MS instrument (at NIOZ, samples are analysed using
a Thermo Fisher Element HR SF-ICP-MS; Fig. 3.18) and verifying the background
signals of the analytes of interest are low and stable, the analytical run can start.
Especially on instruments that are also used for other samples, the background
concentrations of contamination-sensitive elements like Fe, Zn or Pb may gradually
decrease with time till a stable background level is reached. It should be noted that tuning
the instrument for optimal performance (e.g. signal size, signal stability, peak shape,
oxide interferences, resolution, etc.) requires specialized expertise and is beyond the
scope of this chapter.

Box 3.10: Internal Standard Addition for ICP-MS

At NIOZ, the internal standard contains a mixture of In and Lu owing to both
their low (sub pmol/L) concentrations in natural seawater and their resin
recoveries of >98% using Nobias chelating PA1 resin (Middag et al. 2015a).
Internal standards are used to allow the pre-concentration factor of the
SeaFAST method to be determined without the need to measure the weight
of the sample before and after the extraction step. The pre-concentration factor
Is accounted for since the ratios between the internal standard and the trace
metal of interest do not change after addition of the standard spike to the
sample and remain the same in the sample and in the eluent when the
recoveries are quantitative. Therefore, any change in the volume of the sample
or the eluent (by, for example, evaporation) becomes irrelevant since the ratio
of the element of interest to the internal standard will stay unchanged. During
ICP-MS data analysis, the signal of the trace metals of interest is normalized to
the In and Lu signal which accounts for the pre-concentration factor as well as
any variations in sensitivity, i.e. drift.

AtNIOZ, first an eluent standard addition calibration curve (standard additions to eluent
acid) is measured to assess recovery, together with some elemental standards to calculate
the polyatomic interference of MoO™ on Cd, if Cd is an analyte of interest (see Biller and
Bruland (2012) for more details), followed by the SeaFAST extracts. After every 12
SeaFAST extracts, a drift standard is measured followed by two separate sub-samples of
the eluent acid (the acid taken from the reagent bottle, without going through the
SeaFAST). The drift standard is a standard from the eluent standard addition calibration
curve (~2/3 of the maximum concentration in this case) that is used to correct for any
element specific drift that is different from the internal standard element (and thus cannot
be accounted for by the internal standard). Such a drift occurs, for example, if the change
in sensitivity during an analytical run for an analyte of interest is different from the
change in sensitivity for the used internal standards (In and Lu).
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Fig. 3.18 Thermo Fisher Element HR-SF-ICP-MS set-up. Scans at the mass of >®Fe in medium resolution
on the NIOZ HR-SF-ICP-MS with (panel a, lower graph) and without (panel a, upper graph) tuning to
resolve %°Fe from “°Ar®0 (a), Thermo Fisher Element HR-SF-ICP-MS (b) and MicroFAST sample
introduction system (c) (Figure and photograph credit: Patrick Laan, NIOZ, Netherlands)

Changes in sensitivity are very common when running SeaFAST extracts, especially in
long analytical runs, due to build-up of traces of salt still present in such samples on the
ICP-MS cones. Element-dependent drift, however, is quite rare in our experience, but
should be monitored and corrected for if needed. The two separate sub-samples of the
elution acid are necessary to check (and correct for) any changes in metal background
concentration originating from the sample introduction system or the ICP-MS itself
during the analytical run. The first sample solely serves the purpose of reducing any
carry-over to the second elution acid sample, which is actually used for the background
correction of the seawater samples. This background correction, especially for very low
open ocean seawater concentrations, can significantly influence the results, and thus care
should be taken in applying the right background correction. Overall, measured values are
always corrected for the background (metals in the elution acid and derived from the
ICP-MS and sample introduction system) and subsequently normalized to the internal
standard. Thereafter, a blank (metals added during the SeaFAST extraction and sample
handling) correction is applied, and last, if needed, an element- dependent drift correction
or interference correction (e.g. for Cd) is applied.

Flow Injection Analysis

Flow injection techniques were the standard for measuring trace metal
concentrations such as Fe prior to the development of ICP-MS techniques (Sohrin and
Bruland 2011) and remained popular into the GEOTRACES programme. At the present
day, while matrix removal followed by ICP-MS analysis is now the most used method
(that also has the added benefit of multiple element detection), there is one very



significant drawback: it cannot be used at sea. Therefore, there is a valuable use for flow
injection analysis techniques (FIA) on board ship (or when a more expensive ICP-MS
is not available back on shore). FIA systems can be used for shipboard determinations
of Al, Mn, Fe, Cu, Zn and Cd (e.g. Middag et al. 2015b; Rijkenberg et al. 2018; van
Hulten et al. 2017). A FIA set-up only allows one trace metal to be measured at a time, but
the system is quite compact, can easily be used at sea in a shipboard (mobile) clean
laboratory or ‘bubble’ and is often automated with electronic valves and an autosampler
that allows semi-autonomous operation of the system (Worsfold et al. 2013). Shipboard
metal determination is a highly valuable technique used to guide at sea sampling
efforts (e.g. if looking for high- concentration features such as hydrothermal
plumes), to check for inadvertent contamination of bottle samplers, to measure short-
lived species such as dissolved Fe®* or to inform shipboard experiments such as Fe
addition bioassays (e.g. Bowie et al. 2002; Cutter and Bruland 2012; de Baar et al. 1990).
More recently, sequential injection analysis has been used for determination of individual
marine trace metal concentrations (Grand et al. 2016), but this method that uses minimal
reagents and is amenable to autonomous deployment is not yet mature and is still being
developed. In a FIA system, the analyte of interest is separated from the interfering
bulk seawater matrix by being pumped through a chelating resin column (see Sect. 3.5.1.1
for more details on chelating resins). After this separation and subsequent elution, a
reaction between the analyte of interest and the reagent leads to the formation of a
complex or a reaction that can be detected using a specific detector (Figs. 3.19 and 3.20),
e.g. chemiluminescence can be detected using a photomultiplier or a formed coloured
analyte-reagent complex can be detected using a spectrometer (Bowie etal. 2004). The
loading time in a FIA system is standardized and automated, which should ensure that
the same amount of sample is loaded onto the column every time. Reagents are
continuously pumped through the FIA system using a peristaltic pump, where automated
valves either pass buffered seawater sample (denoted load), deionized water (DI,
often UHPW; denoted rinse) or elution acid (denoted elute)
over the chelating resin column.

Here, we describe an example using a chemiluminescence reaction for the analysis of
Fe concentrations in seawater (Figs. 3.19 and 3.20), using SPE. During the loading of the
sample of interest, prevalent metals including Fe are retained by the resin column and
thereby separated from the seawater matrix. The loading pH is crucial, since Fe binds at a
much lower pH compared to Mn, allowing either metal to be measured by changing the
loading pH (Klunder et al. 2011; Middag et al. 2011). Acidified samples are usually
buffered in-line, and the loading pH can be changed by using a stronger or different buffer
solution, where the resulting loading pH should be regularly checked. Samples for Fe
should be acidified to a pH < 2 prior to analysis (Johnson et al. 2007) and left to
equilibrate at least 12 hrs (Klunder et al. 2011) or heated to reduce this time (Lohan et al.
2006). Depending on the used method, a reducing (e.g. sodium sulfate) or oxidizing
reagent (e.g. hydrogen peroxide) should be added to ensure Fe is present only as either
Fe** or Fe** (Bowie et al. 2004; Johnson et al. 2007), or FIA can also be used to measure
Fe* specifically if the redox speciation of Fe is the research aim (e.g. Bowie et al. 2002).



Fig. 3.19 Photo of a shipboard flow injection analysis (FIA) set-up including an autosampler, a computer
and a water bath (a), a peristaltic pump and two automated valves (b) and a resin column on a valve ()
(photograph credits: Patrick Laan, NIOZ, Netherlands)

During the rinsing step, the seawater matrix is washed from the column and goes to waste
(i.e. a dedicated waste line). At the same time, the reagent stream (in our example,
luminol and peroxide as reactants and ammonium hydroxide to maintain the required
reaction pH) flows continuously via the detector providing a baseline signal, i.e. the
reaction between luminol and peroxide already produces chemiluminescence. Luminol
(5-amino-2,3-dihydro-1,4-phthalazinedione) is a compound that emits light upon
oxidation with reactive oxygen species, a reaction catalysed by Fe (Borman et al. 2009).
After loading and rinsing, the retained sample Fe is eluted from the column and is injected
into the reagent stream that is kept at optimum temperature in a water bath, where the Fe
catalyses the reaction between luminol and peroxide, resulting in increased
chemiluminescence. The increase in chemiluminescence scales to the amount of Fe after
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pre-concentration. With this system, one first observes a dip in the baseline as first the
UHPW in the column (result of the rinsing step) is injected, followed by a peak due to the
catalysing effect of the Fe (Figs. 3.19 and 3.20).
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Fig. 3.20 Schematic overview of a flow injection system (FIA) for iron in seawater (de Jong et al. 1998)

Ideally, the peak is sharp and the signal returns back to baseline right away, but FIA
systems are known to be ‘temperamental’. Thus, it can take significant tuning to get good
peaks and sufficient sensitivity. Moreover, the chemiluminescence-based FIA method is
prone to drift in sensitivity, for example, due to changes in temperature. In particular, a
sample shows a higher signal at a higher temperature, and thus drift standards have to be
run regularly to correct for temperature effects (Bowie et al. 2003; Bowie et al. 2004;
Floor et al. 2015; Worsfold et al. 2019c). The calibration is done using standard additions,
where care should be taken to measure samples in the calibrated and linear range of the
chemiluminescence response (Borman et al. 2009). Moreover, despite the automated and
standardized loading time, it has been shown that variations of up to 5% in the loaded
mass of seawater samples occur. Combined with variation in sensitivity during a run and
the uncertainty associated with the calibration (estimation of the sensitivity), this leads to
an overall uncertainty in the order of 10-15% for the chemiluminescence-based FIA
system for Fe (Floor et al. 2015). Thus, proper consideration should always be given to the
analytical uncertainty associated with measurements of trace metals (see Sects. 3.5.1.4 and
3.6) to avoid overinterpretation of the data (Worsfold, et al. 2019).

In Situ Metal Analysis Systems

The sampling and analysis approaches detailed thus far largely deal with discrete samples
that are representative for a given moment in time. However, to capture the spatial and
temporal variabilities of trace metals at sub-nanomolar concentrations in dynamic (open)
ocean settings, ideally in situ sensors or analysers that capture data continuously are
implemented (Grand et al. 2019). Progress is being made in this area, and a combination
of wet chemical analysers with electrochemical sensors may become available in the
coming years or decades, but currently developed systems lack the accuracy and precision
needed for oceanic trace metal concentrations and speciation. Readers interested in the
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state of the art and remaining challenges are referred to Grand et al. (2019) for an in-
depth overview.

Data Quality Control for Trace Metal Concentration Measurements

Here, we briefly describe analytical considerations that are needed to produce consistent
high-quality trace metal concentration data, including ‘blanks’, detection limits and
uncertainty (accuracy and reproducibility) of analytical techniques. For a more in-depth
discussion of good practices to obtain and report good quality data, the reader is referred
to Worsfold et al. (2019) and Wurl (2009).

Obtaining low and consistent blanks, commonly referred to as ‘procedural blanks’, is
key for both validating the method of choice and for ensuring contamination-free trace
metal analysis during the implemented procedure (Wurl 2009). The blank is defined as
the amount of analyte that is added (inadvertently) during the overall procedure, and
differentiation can be made between various components of the procedure such as a
sampling blank (contamination during taking of the sample), storage blank (contamination
between sample collection and analysis) and/or analysis blank (contamination from the
analytical procedure, including sample handling). The focus usually lies on the analysis
blank associated with the use of reagents, i.e. systematic contamination, as this can be
quantified. Nevertheless, levels of contamination during sampling and storage should also
be assessed as detailed in the previous sections (Sects. 3.2, 3.3 and 3.4). The analytical
limit of detection (LOD), which is a criterion for the performance of an analytical method
and/or technique, indicates the lower limit at which a technique can differentiate between
a signal due to background noise and a signal derived from the target analyte. Depending
on the method, this can be closely related to the instrumental LOD (i.e. the limit at which
the used instrument can differentiate between an analyte signal and background noise), but
often the details of the analytical procedure are responsible for changes in the LOD (e.qg.
variation in extraction efficiency with SPE columns, or variations in pipetted sample
volumes) and hence the analytical LOD should be determined throughout the whole
procedure, not just from the instrumental LOD. The LOD is inherently linked to the blank
value and the variations therein, and so the LOD is commonly defined as three times
the standard deviation of the analytical blank (Wurl 2009). To be able to calculate a
standard deviation and subsequently the LOD, the blank should be measured at least three
times; however, a better approach is to measure the blank more often throughout an
analytical run and also use the blank values from discrete runs over a longer time period to
calculate the LOD in order to account for any intra- and inter-run variability. For
trustworthy trace metal data, the metal concentration of interest of the target sample must
be higher than the LOD (Wurl 2009). Common values for blanks and LODs of the
six bio-essential metals from NIOZ for the SeaFAST technique can be found in Table
3.1 (Seyitmuhammedov 2021), showing a similar range as those generated by other
approaches (e.g. Biller and Bruland 2012; Rapp et al. 2017).

Expressing uncertainty (error) on any dataset is vital. This uncertainty is typically
expressed via accuracy (do we have the right number?) and precision (how reproducible
is the number?). For seawater trace metal concentration data, accuracy of data can be
compared in two ways: (1) measuring trace metal concentrations in a reference material
(RM) and comparing these values to published or consensus values and/or (2) comparing
measurements made by multiple laboratories in the same natural samples or on samples



collected from the same location (see Sect. 3.6). Such activities are essential steps to
confirm that the obtained results have acceptable accuracy relative to the variability being
studied Worsfold et al. 2019; Wurl 2009). Certified reference materials (CRM) for ICP-
MS can either be commercially available certified RMs and/or obtained from bodies such
as the US National Institute for Standards and Technology (NIST). For good practice,
RMs should have the same matrix as the sample of interest, their concentrations should be
in the same range as those of the target samples, and obtained concentrations should agree
with published concentrations (within the uncertainty range) of the RM (Worsfold et al.
2019; Wurl 2009). Because of the challenges of collecting and storing open-ocean
seawater, there is no commercial CRM available for open ocean trace metal
concentrations, and trace metal investigators thus often use in-house reference samples
(e.g. a large volume homogenized seawater sample), or aliquots of reference seawater that
GEOTRACES has made available upon request (e.g. Cutter et al. 2017; Johnson et al.
2007; see https://www.geotraces.org/standards-and-reference-materials/) for which the
average accepted values are known as ‘community consensus values’. Analysts will
typically make (and report) regular measurements of these reference samples as RM
alongside samples in order to assess the accuracy of the technique (see Sect. 3.5.1.1).
When the procedure returns inaccurate reference sample values, action is needed by the
investigator to identify and eliminate sources for the inconsistency of the data (Wurl
2009).

Evaluating the reproducibility (precision) of trace metal concentration data is also
essential and should be done via replicate measurements of samples, blanks and RMs
(Worsfold et al. 2019). Additionally, it is recommended to evaluate precision at
concentrations appropriate to those of the samples being studied—for instance, the
precision of low-concentration samples may be much poorer than high- concentration
samples. Commonly, duplicate or triplicate measurements are used to assess precision.
However, it should be noted that triplicate measurements of a single sample are not
necessarily representative of the overall precision, if sampling also contributes to
uncertainty.

HR-SF-ICP-MS
DMn DFe DCo DNi nmol | DCu DZn DCd
pmolL* | nmolL? | pmolL? | L? pmolL? | nmolL? | PmolL?
Blank 2 0.03 2 0.03 7 0.03 3
SD 1 0.01 1 0.04 7 0.02 3
n 24 24 24 24 24 24 24
LOD 4 0.02 3 0.1 20 0.07 8
DMn DFe DCo DNi DCu DZn DCd
nmol/L nmol/L pmol/L nmol/L pmol/L nmol/L pmol/L
GSP 239 |0.79 0.15 7 2.56 0.60 0.04 3
+SD 0.01 0.01 1 0.03 0.01 0.02 2
n 14 14 14 14 14 14 14
Consensus | 0.78 + 0.16 + - 26+01 |057% 0.03 212
value 0.04 0.05 0.06 0.06

Table 3.1 Typical blank values, detection limits (LOD) and an example of a CCRS (Geotraces Surface
Pacific; GSP, consensus values reported 2020; https:// www.geotraces.org/standards-and-reference-
materials/) results for various dissolved trace metals (DFe, DCu, DZn, DMn, DNi, DCo and DCd) of using
a SeaFAST pre-concentration step with subsequent HR-SF-ICP-MS analysis at NIOZ. The procedural
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blank was UHPW acidified to the same pH as seawater samples. Please note that the LOD (3 x SD) may
appear different from three times the reported SD due to rounding

For this it is best to collect replicate samples in successive sampling efforts at the same
depth and location, which is done during some expeditions (e.g. sampling at the same
depth twice on overlapping casts by the US GEOTRACES programme), but this is not
currently routine practice for all sampling endeavours, usually due to the associated extra
time and cost. For RMs and blanks, replicate measurements performed in a single day
enable statements on the repeatability, while replicate measurements over longer time
periods can be used to determine laboratory reproducibility, accounting for drifts in
detector response or laboratory conditions, i.e. temperature (Worsfold et al. 2019). For
blanks, the average values are commonly subtracted from the sample values obtained in
the same run. In all cases, it is recommended that data is reported as means including
standard deviations (Worsfold et al. 2019). Often samples are measured only once, as
trace metal analysis is time-consuming and costly. As a compromise, the standard
deviation (SD) for samples can be calculated as the square root of the sum of the internal
and external SD. The internal SD is the SD of the ICP-MS measurement (instrumental
precision), and the external SD is the SD of the specific analyte of an (in house) RM
measured regularly throughout an analytical run (Gerringa et al. 2021a), where it is
recommended to use RMs at different concentration levels as the precision is likely lower
at lower concentrations. Good precision (% SD) for trace metal concentrations assessed
by replicate analyses of RM or seawater by SeaFAST, ICP-MS, FIA and isotope dilution
from isotopic techniques, from a range of laboratories, has been assessed as +0-5%.
Reported precision is often better for less contamination-prone metals such as Cd and
also better at higher trace metal concentrations (e.g. Conway et al. 2013; Jensen et al.
2020; Jensen et al. 2019; Lagerstrom et al. 2013; Middag et al. 2015a; Minami et al.
2015; Rapp et al. 2017; Rijkenberg et al. 2014; Waulttig et al. 2019), but may range from
+2 to 20% for FIA depending on the metal (e.g. Resing et al. 2015; Sedwick et al. 2015;
Wyatt et al. 2014).

However, while reporting the precision (% SD) of good quality data is key, it is
perhaps more realistic to estimate and report the overall or so-called ‘combined’
uncertainty of the obtained data (Worsfold et al. 2019). Such combined uncertainty
considers the contributions from all the uncertainty contributions during sample analysis,
including analyte uncertainty, blank uncertainty, pipette uncertainty for all volumes
pipetted (sample and reagents), slope uncertainty of the calibration line, uncertainty of
metal concentrations in reagents and volume uncertainties (Worsfold et al. 2019). Such
accounting for the combined uncertainty may lead to larger relative uncertainties obtained
for both ICP-MS and FIA techniques (e.g. 10-30%; Clough et al. 2015; Rapp et al. 2017;
with more uncertainty at the lowest concentrations), but can also be of similar size to
internal precision for ICP-MS (see Sect. 3.5.2.3). Larger uncertainty from combined
uncertainty highlights that reporting only instrumental precision on data can
underestimate the overall uncertainty of the obtained data, depending on the technique.
For more information on combined uncertainty including example applications, the reader
is referred to Worsfold et al. (2019) and references therein. Perhaps the best way to assess
data precision and accuracy is to compare data from the same samples or same location
produced by different laboratory groups, analytical techniques and/or sampling systems.
Indeed, within the GEOTRACES programme, besides analysis and reporting of RMs,
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there has been a strong emphasis on intercalibration using crossover stations (see Sect.
3.6) to assess the comparability of datasets obtained via different sampling and/or
analytical techniques.

Trace Metal (Fe, Ni, Cu, Zn, Cd) Isotope Ratio Measurement Techniques

Background

With the onset of improved clean collection and handling techniques and the
development of HR multi-collector ICP-MS (MC-ICP-MS) (e.g. Douthitt 2008) has
come the ability to measure the stable isotopic ratios of transition metals even at the low
concentrations of these metals found in seawater (pmol L=*-nmol L™*). The promise of
such measurements is that isotopic ratios may offer more insight into marine trace metal
cycling than concentrations alone. The first isotopic measurements for Cd, Cu and Zn
in seawater were published in 2006 (Bermin et al. 2006; Lacan et al. 2006), followed by
Fe in 2007 (De Jong et al. 2007). Despite these efforts, by the official beginning of the
GEOTRACES field programme in 2010, data remained sparse, with only about 10-50
data points having been published for each element (Conway et al. 2021). Since 2010,
however, stimulated largely by GEOTRACES, the field of transition metal isotopes in
seawater has undergone a figurative explosion, adding Cr and Ni isotopes to the toolbox
and with data coverage increasing dramatically (Conway et al. 2021). The other bio-
essential trace metals discussed in this chapter, Co and Mn, are monoisotopic for stable
isotopes, and thus ratios cannot be determined. The first ocean ‘sections’ of dissolved trace
metal isotope ratios were published for the Atlantic in 2014 (e.g. Zn, Conway and John
2014a); Fe, Conway and John 2014b)), and now a number of other such sections are
published and available from several groups in the GEOTRACES Intermediate Data
Products (Schlitzer et al. 2018). Indeed, sufficient data now exists for each isotope system
to provide comprehensive insights into the biogeochemical cycling of each trace metal.
This insight includes tracing Fe and Zn sediment sources to the ocean (Homoky et al.
2016), balancing the oceanic Zn and Cu budgets (Little et al. 2014; Little et al. 2016),
understanding redox cycling of Fe and Ni (Rolison et al. 2018; Vance et al. 2016) and
showing how scavenging, biological uptake and water mass mixing influence
Ni, Zn and Cd (e.g. Abouchami et al. 2011; Archer et al. 2020; John and Conway
2014; Ripperger et al. 2007).

Here, we briefly describe the chemical and analytical challenges for making
measurements of transition metal isotope ratios in seawater and the methods developed
by different groups to overcome these—including the typical methods used at the
University of South Florida (USF) for measuring §°°Fe, §°°Zn and §'**Cd in seawater. For
further reading on the distributions of the trace metal isotope ratios throughout the ocean,
as well as the current state of understanding of the processes which influence these
distributions, we refer the reader to several recent synthesis review articles (e.g. Anderson
2020; Horner et al. 2021 and references therein).

Chemical Processing for Trace Metal Isotope Analysis
There are two critical challenges to overcome to measure trace metal isotope ratios in
seawater, which are common to each of the five trace metals described here (Fe, Ni, Cu,



Zn, Cd). First, akin to concentration measurements (see Sect. 3.5.1.1), the sea salt matrix
means that samples cannot be measured directly by mass spectrometry. Instead, the
matrix must be separated and the trace metal of interest pre-concentrated. Second, mass
spectrometric techniques for measuring trace metal concentrations (see Sect. 3.5.1.1) rely
on measuring the whole metal pool or the most abundant isotope of each metal. For
isotopic ratio measurement, however, the minor abundance isotopes must also be
measured. These minor isotopes are typically present at even lower concentrations (often
>50x lower), compounding the problems of clean handling and sample volumes needed.
For example, Fe has four stable isotopes with abundances of 6% (**Fe), 92% (*°Fe), 2%
(°*'Fe) and 0.3% (*®Fe). Thus, in a typical deep ocean seawater sample of 0.5 nmol L1
Fe, **Fe is only present at only 30 pmol L=, and just 1.5 pmol L~ are *®Fe. In
order to accurately measure a 56/54 or 58/54 Fe ratio, Fe must therefore be pre-
concentrated cleanly from much larger volumes of sample (e.g. 1-20 L; e.g. Conway et
al. 2013; Lacan, et al. 2008) than those typically needed for concentration analysis (e.g. 30
mL; see Sect. 3.5.1.1). Such large volume requirements mean that it has been historically
challenging to make clean measurements at high spatial resolution in the ocean.
Typically, chemical methods to prepare samples for isotope analysis involve two to three
purification stages, with one stage removing the bulk of the sea salt matrix (see below)
and later stages purifying the element of interest from any minor elements which are
potential isobaric interferences, as well as removing any remaining salts (see below). A
range of approaches is described here, but whichever method is used, the key requirements
are for clean (ideally procedural blank concentrations of S1 ng) and quantitative recovery
(ideally ~100%) of the trace metal of interest.

A further challenge with trace metal isotope analyses is that, as with early
concentration methods, most early isotopic methods focused on a single metal isotope
system of interest (e.g. just Cd; Lacan et al. 2006; Ripperger and Rehkamper 2007). For
multiple trace metal isotope measurements, separate aliquots of seawater were needed,
meaning even larger total volumes of clean seawater were required. More recently,
however, methods have been developed that can process the same sample for multiple
metals in seawater for later isotopic analysis (e.g. Fe, Zn and Cd by Conway et al. 2013; or
Ni, Cu and Zn by Takano et al. 2017) (see Box 3.11). These multiple element approaches
have played an important role in facilitating the rapid application of multiple isotopic
systems as tracers of oceanic processes as part of GEOTRACES.

Sea Salt Matrix Removal Stage

The first step of any seawater processing method for isotope analysis is to pre-
concentrate the metal of interest cleanly from 1-4+ L down to a small volume for
analysis (<1 mL), while removing the seawater matrix (see Box 3.11; Fig. 3.21). Due to
the large volumes (and thus the larger total amount of salts) needed for isotopic compared
to concentration measurements, automated processing techniques such as the SeaFAST
are not yet commercially available, although in development (e.g. Field et al. 2019).
Instead, pre-concentration methods have focused on in-house methods developed by
different laboratory groups. These methods include using chelating resins, organic solvent
separation (e.g. Thompson et al., 2013; Ellwood etal., 2014) or co-precipitation with Mg
or Al (e.g. Bermin et al. 2006; Cameron and Vance 2014; De Jong et al. 2007; Staubwasser
etal. 2013; Xue et al. 2012) to cleanly separate the trace metal(s) of interest from



seawater. For the former, studies have made use of Qiagen NTA, Nobias PA-1,
Chelax-100 or Bio-Rad AG1-X8 ion-exchange resins to extract metals from seawater;
resin beads are either added directly to seawater, shaken and filtered out, or seawater is
pumped through resin- packed columns (e.g. Abouchami et al. 2011; Bermin et al. 2006;
Conway et al. 2013; John and Adkins 2010; Lacan, et al. 2008; Ripperger and Rehk&dmper
2007; Vance et al. 2016; Xue et al. 2012). The transition metal cations (or metal bromide or
chloride complexes if anion resin) ‘stick’ to the functional groups of the resin and are thus
removed from the seawater leaving the salts behind. At the time of writing, most isotope
groups have moved to make use of Nobias PA-1 techniques (e.g. Archer etal. 2020;
Ellwood et al. 2020; Sieber et al. 2021; Yang et al. 2020), principally due to the low blank
and the high extraction efficiency of this resin for multiple trace metals. However, other
resins continue to be used for single elements (e.g. NTA for Cu by Baconnais et al. 2019;
AG1-X8 for Cd by Xie et al. 2015).

[ SN

Add double-spike to 1-4 L of Add ~2 mL of Nobias Shake for 2 hours, adjust
acidified seawater PA-1 resin bead slurry pH to 6.0, shake 2 hours

Analysis by MC-ICPMS Purification by AG-MP1 Filter resin and elute
Thermo Neptune micro-columns metals with 3M HNO,

Fig. 3.21 Step-by-step scheme for multiple trace metal isotope ratio analysis (photograph credits: Tim
Conway, University of Florida, USA)



Box 3.11: Chemical and Analytical Scheme for Multiple Trace Metal
Isotope Ratio Analysis

The figure below shows a simplified schematic of the typical chemical method
that is being used at ETH Zurich (Switzerland) and the University of South
Florida (USA) to process seawater for Fe, Cd and Zn isotope ratios (follows
Conway et al. 2013, and Sieber et al. 2021) (Fig. 3.21). Double spikes of *'Fe-
8Fe, ®47Zn-%Zn and *'Cd-'**Cd are typically added prior to processing to
allow for correction of both procedural and instrumental isotopic fractionation
(see Box 3.15 for more explanation of double spikes).

Following extraction from a water sample, the trace metals can then be eluted from
resins or redissolved from precipitates into a small volume of HNO3 or HCI for further
purification steps (e.g. on micro-columns, see below) and then analysis (see Sect.
3.5.2.3). For marine particles or sediments, following a suitable leaching or digestion
process (see Sect. 3.4.3), samples can be redissolved for similar purification. However,
care must be taken to establish that any leaching process does not fractionate isotope
ratios (e.g. Revels et al. 2015).

Purification Stage

Although the first stage described above removes most of the salt from a seawater
sample, the functional groups of ion-exchange resins often bind a range of elements,
meaning that the resulting acidic solution contains not just the metal of interest, but often
many other transition metals and traces of remnant salts such as Ca and Mg (e.g. for
Nobias PA-1; Sohrin et al. 2008; see Box 3.12; Fig. 3.22). If a precipitation technique is
used, the precipitate typically contains other elements as well. These other elements cause
a range of problematic isobaric (e.g. >®Ni on *®Fe) and polyatomic (e.g. *°Ca*®O on *°Fe)
interferences during mass spectrometric analysis, which adversely affect the accuracy of
isotope ratios or the ionization of elements (see Sect. 3.5.1.1. for more background on
interferences). As such, further purification of the sample is required prior to analysis of
isotope ratios.

Box 3.12: Elution of Different Transition Metals from AGMP-1 Resin

The figure below shows an example of a second-stage AGMP-1 column
purification scheme, showing the separate elution of Cu, Fe, Zn and Cd from
major salts and interfering elements when acid strength and type through the
resin are varied (Conway et al. 2013), with volume being cumulative
throughout the column scheme (Fig. 3.22).
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Fig. 3.22 Elution of different transition metals from an AGMP-1 resin (modified from Conway et al.
2013)

The goal of the second purification step is thus to achieve only the single metal of interest
being dissolved in a small volume of weak acid (e.g. 0.5-1 mL of 0.2 M HNO3), ready
for isotope analysis. This purification is typically achieved by taking the sample through
a single (or several) anion-exchange resin-packed columns, usually filled AGMP-1 or
AG1-X8 anion-exchange resins (from Bio-Rad). AGMP-1 is perhaps the most widely used
resin for this purpose (e.g. Archer and VVance 2004), although AG1-X8 has been widely
used for Cd purification, usually followed by an additional Eichrom TruSpec column to
further separate Cd from Sn and Mo (e.g. Abouchami et al. 2011; Ripperger and
Rehkamper 2007; Xue et al. 2012). In each case, the functionality of these anion-
exchange resins relies on metals having different distribution coefficients—that metals
‘stick” variably to the resin—as the strength or type of acid is varied (e.g. Strelow 1980).
Such AGMP-1 techniques were first applied for separation of Cu, Zn or Fe from rocks for
isotope analysis (e.g. Beard and Johnson 1999; Maréchal et al. 1999). For seawater, where
the transition metal concentrations are much lower, and thus blanks must be kept suitably
low, studies have modified these techniques to work with smaller volumes of resin.
Archer and Vance (2004) developed an AGMP-1 column separation scheme for Cu and
Zn that lowered the blank contamination of the method by an order of magnitude (down
to 0.5-1 ng) compared to earlier techniques. AGMP-1 micro-column techniques have
since been developed to purify Fe or Cd and then Cu, Zn, Fe and Cd from seawater for
isotope analysis (e.g. see Box 3.12; Conway et al. 2013; John and Adkins 2010; Lacan et
al. 2006; Takano et al. 2013). These micro-columns have typical blanks of less than 0.2
ng per element (e.g. Conway et al. 2013).

When using AGMP-1 resin (see Box 3.12), the sample from the first purification stage



3.5.2.3

is typically dried down (evaporated to dryness), so that it can be dissolved in a specific
reagent (>5 M HCI) and then ‘loaded’ on the AGMP-1 resin column. Different metals are
then ‘eluted’ from the resin column by changing the acid strength or acid type (see Box
3.12 for an example column elution scheme). Such procedures have been shown to
successfully separate Cu, Fe, Zn and Cd from elements such as Ca, Mg, Ni, Cr, Sn, etc.
(Conway et al. 2013). Nickel, however, elutes from the columns with elements such as
Na, Al, Ca and Mg (see Box 3.12), and so further purification steps (e.g. Nobias PA-1 or
multiple AGMP-1 columns) are typically needed to remove interfering elements before
isotope analysis of Ni is possible (Archer et al. 2020; Wang et al. 2019; Yang et al. 2020).

Analytical Procedures for Trace Metal Isotope Analysis

Here, we provide a brief overview of the details of trace metal isotope analysis, with a
focus on the bioactive metals measured in seawater, often using Fe as an example. For a
fuller discussion on the detail of isotope systematics and details of isotope ratio analysis for
the bioactive metals, we point the reader elsewhere (e.g. Dauphas et al. 2017; Johnson et
al. 2020; Moynier et al. 2017; Rehk&mper et al. 2012; Teng et al. 2017). The concepts
reviewed in the following sections apply to all transition metals discussed here, although
we note each element has its own quirks and interferences to account for during both
chemistry and analysis.

Isotope Ratio Basics, Nomenclature and ‘Zero’ Isotope Standards

Following chemical purification, transition metal isotope ratios are measured by mass
spectrometer. However, the natural range of mass-dependent variability for transition
metal isotope ratios (e.g. *®Fe/**Fe), while measurable, is typically very small, usually at
the 0.001 or permil (%o) level (e.g. Horner et al. 2021; Johnson and Beard 1999). Further,
instrumental ‘mass’ bias, or the systematic loss of lighter ions during analysis, means that
it is difficult to measure absolute isotope ratios at this level of precision. Thus, isotope
ratios are typically measured relative to a measured standard RM, usually in ‘delta
notation’ (see Box 3.13). For example, Fe isotope ratios are typically expressed as:

(56Fe/54Fe)sample

(56Fe/54Fe)IRMM—014
In this case the Fe/**Fe of the sample is not expressed as an absolute isotope ratio, but rather relative
to the *Fe/>*Fe of the international Fe isotope standard IRMM-014 (an isotope zero standard) (Taylor
et al. 1993) that is measured by the same mass spectrometer. For each element, data is expressed in
the form of a common isotope pair (or range of pairs) and typically relative to one international ‘zero’
standard (see Table 3.2). It is worth noting that some groups report in other notations (e.g. epsilon
units; Table 3.2), which is calculated by replacing the x1000 in the delta equation with x10,000,
meaning that, for example, £"***'°Cd is equivalent to 10 x 3**Cd.
Table 3.2 Typical notation and isotope zero standards for trace metal isotope ratios in seawater.
Where multiple notations exist, the common notation and isotope pairs (as included in the
GEOTRACES Intermediate Data Product) are shown in bold. Ranges for deep seawater (expressed in
the common notation) are from Horner et al. (2021); for isotope standards see Abouchami, et al.
(2013); Dauphas et al. (2017).; Moynier et al. (2017); and Elliott and Steele (2017). A more detailed
discussion of conversion between isotope ratios and notation for Cd can be found in Rehkdmper et al.
(2012).

§5°Fe = — 1| x 1000

Isotope Zero Range in deep

Element Notation Isotope Pair(s) Standard seawater (%)
00

Fe 5°Fe, 5°'Fe ®Fe/**Fe, SFe/>*Fe IRMM-014 -2410+15




Ni 55%Ni SONi/*Ni NIST SRM 986 | +1.2t0 +1.5

Cu 5%°Cu Cu/®Cu NIST SRM 976 | +0.6to +0.8
Ay 5%7Zn 6zn/%zn JMC-Lyon -0.2 to +0.6
611cd, 512Cd, NIST SRM
cd ousriiogy gnamocq | CAMCd, CdrCd | g oo +0.2 10 +0.4

For converting between isotope ratio pairs, typically asimple mass difference approach
can be applied; for example, 8°°**Fe ¥%4~2/3 X 8°" sap, - 5114110Cq 1, - 9 x 51121100y

For some ‘metallic’ elements such as B or L.i, there is large enough (~10%o) mass-
dependent isotope variability in nature to allow isotope ratios to be measured by relatively
imprecise instruments such as single-detector SF-ICP-MS instruments (e.g. precision of
+0.5%o; Misra et al. 2014). However, for the transition metals, which display much lower
levels of natural isotopic variability (e.g. 1-4%o; Horner et al. 2021), higher precision
(<0.2%o0) is needed. Such levels of precision require ‘multi-collector’ (MC) mass
spectrometers, which operate by collecting a series of ions simultaneously into multiple
‘faraday cup’ ion-counting detectors, allowing isotope abundances to be measured
simultaneously rather than sequentially, as is the case for a single collector SF-ICP-MS
(e.g. Walder and Freedman 1992). MC instruments take two forms, classified depending
on how the sample is introduced and ionized, either ICP- (inductively coupled plasma) or
TI- (thermal ionization) MS. MC-ICP-MS instruments introduce a sample via an
ionized plasma (as described in Sect. 3.5.1.1), while for MC-TI-MS a sample is loaded
on a metal ‘filament’ which is then heated and the sample vaporized/ionized (see Johnson
and Beard 1999; Schmitt et al. 2009). Of the two, the most widely applied technique in
seawater literature for trace metal isotope ratios is MC-ICP-MS, making use of one of
three instruments: the Thermo Scientific Neptune (9—10 laboratory groups; Fe, Ni, Cu, Zn
and Cd), Nu Instruments Plasma | or 11 (6 groups; mostly Cd) or the GV Instruments

Box 3.13: Transition Metal Isotope Standards

The choice of isotope standard reference material (RM) and ‘zero’ standards
are established by consensus between laboratory groups and can take the form
of in-house shared materials (e.g. JMC-Lyon; Moynier et al. 2017) or
commercially available standard RM (e.g. NIST-3108 Cd; Abouchami et al.
2013), with the isotope ratio difference between different isotope standards
established by consensus (e.g. Abouchami et al. 2013; Archer et al., 2017). For
in-house shared materials, investigators typically acquire an aliquot via
personal communication with the original laboratory. For commercial RM,
which are often designed as concentration standards, it is important to acquire
the correct batch. In both cases, the limited availability of such RM often
means that isotope zero standards can become depleted and must be replaced
by others. This depletion has already occurred with JMC-Lyon for Zn, with
AA-ETH being suggested as a replacement solution (Archer et al., 2017). In
this case, it is encouraged to measure ratios relative to AA-ETH but report
ratios relative to JMC-Lyon using the multi-laboratory established offset of
0.28%o0 between the standards so that new data can most easily be compared
with literature data (Archer et al., 2017).



IsoProbe (1 group; Zn). One group utilizes TIMS (Thermo Fisher Triton instrument) to
measure Cd isotope ratios (e.g. Abouchami et al. 2011). It is worth noting that for Cd,
which is the only isotope system to be measured in aliquots of the same deep seawater
sample by TI-MS and both Nu and Thermo MC-ICP-MS, excellent agreement has been
shown, meaning that data from all three methods are inter-comparable (e.g. Boyle et al.
2012). For a more detailed discussion of the comparison of MC-ICP-MS and TI-MS
for Cd isotope analysis, see Rehk&mper et al. (2012).

MC-ICP-MS Analytical Techniques and Mass Bias Correction Techniques

For simplicity, here we focus on the measurement of trace metal isotope ratios by MC-
ICP-MS, as used by most trace metal isotope groups, and specifically give a brief
overview of the systematics of the Neptune Plus as used at the University of South
Florida (for a general introduction of the mechanism of sample introduction by ICP-MS,
see Sect. 3.5.1.1). The concepts discussed here for Neptune MC-ICP- MS analysis are
generally applicable to the Nu Plasma instruments, and mass bias correction techniques
are typically similar for MC-ICP-MS and TI-MS. We do not provide detailed discussion
of TIMS, but instead point the reader to Schmitt et al. (2009), Abouchami et al. (2011)
and Rehkamper et al. (2012) for further reading.

For seawater samples, where metal concentrations are low (especially surface waters),
the main concern for isotope analysis is to maximise signal size in order to reduce
uncertainty on isotope ratios (e.g. John and Adkins 2010). Compounding this issue for
some elements (e.g. Fe), which have isobaric interferences that are large and similar in
mass (*°Fe* and °Ar*®0"), ‘high’-resolution (HR) mode must be used on the Neptune
MC-ICP-MS (Weyer and Schwieters 2003). While HR mode allows successful
measurement of the Fe isotope peaks separate from their Argide interferences, it also
comes at a cost — approximately six to seven times reduction in signal size compared to
low resolution (LR; Weyer and Schwieters 2003).
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Fig. 3.23 Peak alignment for measurement of trace metal isotope ratios on the Thermo Neptune MC-ICP-
MS in low-resolution mode (left) and high-resolution mode (right) (Cartoon credit: Tim Conway,
University of Florida, USA). Dashed vertical lines indicate measurement mass on each peak

As such, every attempt is made to boost signal size, which can be done in two ways,
either by dissolving the sample in the smallest volume of acid possible (often<0.5
mL) or by optimising the MC-ICP-MS introduction system. For the latter, there are two
aspects which are helpful: (i) choosing the optimal interface cone combination and (ii)



choosing the right introduction system. Neptune MC-ICP-MS methods often boost signal
size (i.e. V per ng mL—*) by making use of the high- sensitivity combination of Jet
sampler and X-skimmer interface cones (e.g. Conway et al. 2013). Most MC-ICP-MS
methods also use a desolvation system, such as the commercially available Cetac Aridus
I/11, ESI Apex Q or ESI Apex Omega (e.g. Bermin et al. 2006; Conway et al. 2013;
Sieber et al. 2021), as a suitable introduction system. Desolvation systems use a series of
heated and cooled spray chambers, together with added Ar or N2 gases (or both), to boost
the signal size of the element of interest while minimising oxide interferences. It should
be noted, however, that specific care must be taken when customising the introduction
system set-up, since both desolvators and high-sensitivity cones can induce larger
interference formation (e.g. CdH on Cd or ZnH on Zn; Archer et al., 2017; Sieber et al.,
2019) or mass bias effects (Archer and Vance 2004; Bermin et al. 2006), compared to
regular H-cones or a spray chamber. For example, larger mass bias effects attributed to
the Aridus desolvator have led to §°°Cu being more commonly measured using a spray
chamber and H cones (e.g. Bermin et al. 2006; Takano et al. 2013; Little et al. 2014).

Once the introduction system is set up and the plasma lit, the instrument must be tuned
for optimal performance, including signal size, signal stability and peak shape, by tuning
the gas flows, torch position and lenses. Peak shape is tuned to generate wide, flat-topped
peaks in LR and sharply resolved peaks in HR (see Box 3.14, Fig. 3.23). This tuning is
akin to what is needed for concentration measurements (Sect. 3.5.1.1). In addition, the
Faraday detectors or ‘cups’ must also be positioned to detect the isotopes of interest,
with cup positions collectively termed a ‘cup configuration’. Lastly, a specific
measurement mass on the peaks must be chosen (see Box 3.14). Similar to the metal
concentration measurements, this set-up requires extensive training of the analysts.

Once peaks are aligned and measurement position has been chosen, each cup reports
the raw voltage of a single isotope during analysis. The raw voltages must then be
corrected for both instrumental background and isobaric interferences before isotope ratios
are calculated simply as the ratio of corrected voltages. Instrumental background on the
Neptune MC-ICP-MS is typically corrected for in two ways: first, the gain and baseline
function are used to correct instrumental noise on the detectors (prior to an analytical
session), and second the instrumental background or ‘blank’ is corrected by subtracting the
voltage from each detector in a solution of the acid used for sample dissolution, prior to
sample measurement (or sometimes the average of two blank analyses before and after
sample). A careful sequence of rinsing between samples is also necessary to ensure that
the introduction system returns to background values. As with concentration
measurements by ICP-MS (see Sect. 3.5.1.1), isobaric interferences are corrected for
mathematically.

Background and isobaric interference corrected isotope ratios must then be further
corrected for the inaccuracy caused by instrumental mass bias, which is the effect of
preferentially ‘losing’ lighter isotopes during ICP-MS analysis leading to ratios biased
towards heavy isotopes (see Johnson et al. 2020 for a recent discussion). Although the
causes of mass bias are not completely understood, instrumental mass bias is systematic
and can be corrected for using one of two empirically derived mass bias equations (e.g.
Rehkamperab and Halliday 1998). The size of instrumental mass bias in MC-ICP-MS is
also typically specific to each instrument and introduction system and predictably
increases with mass difference between isotope ratios, but decreases with atomic mass
(Johnson et al. 2020). For measuring transition metal isotope ratios via MC-ICP-MS or



TIMS, instrumental mass bias is typically corrected in one of three ways, either by
sample-standard bracketing, by doping with a second element, or by ‘double-spiking’ (see
Bermin et al. 2006 for extended discussion of the choice for Cu and Zn in seawater). In
the first case, an isotope standard reference solution is analysed immediately before and
after each sample in an analytical session, and the sample isotope ratio is expressed
relative to these two ‘bracketing’ standards (e.g. for Fe; John and Adkins 2010). Sample-
standard bracketing is used routinely for elements where a double spike is not
possible (e.g. Cu), but may struggle to account for very rapid changes in mass bias from
sample to sample. While care is taken to matrix-match samples to standards for MC-1CP-
MS, any change in the sample matrix (e.g. presence of organics) may also induce mass
bias effects which are not accounted for in the standards. Doping samples with a second
element to correct for instrumental mass bias has also been used for transition metal
isotope analysis (e.g. Zn for Cu; Maréchal et al. 1999), often combined with sample-
standard bracketing for seawater samples (e.g. Takano et al. 2013; Yang et al. 2020).

Box 3.14: Peak Alignment for Measurement of Trace Metal Isotope
Ratios by MC-ICP-MS

The following text gives a brief peak alignment example for isotope ratio
measurements on the Thermo Neptune MC-ICP-MS (Fig. 3.23). For the low-
resolution mode (e.g. for Zn and Cd), the cups (denoted by different colours in
Fig. 3.23) are aligned so that the broad flat-topped peaks line up and the isotope
voltages are simultaneously measured at the centre of each peak (red dashed
line; left panel; Fig. 3.23). Interference peaks (in this case Sn and In on Cd) are
also measured to facilitate correction of isobaric interferences. For the high-
resolution mode (e.g. Fe), the cups are aligned so that the sharp, flat-topped
compound peaks are lined up along the left side of the peak (right panel; Fig.
3.23). A measurement mass on the left hand ‘shoulder ‘of the peak, which is
free from polyatomic interferences, is chosen (red dashed line; Fig. 3.23). Note
the much smaller mass range in high- resolution mode in the figure below. For
more details on high-resolution measurements, see Weyer and Schwieters
(2003).

The double spike technique (Dodson 1963; Russell et al. 1978) involves the addition
of an unnatural spike of two isotopes of the element being measured (e.g. °’Fe and
*8Fe; Johnson and Beard 1999; Lacan, et al. 2008) to the natural sample, prior to chemical
processing and analysis. Any fractionation of isotope ratios in the natural sample during
processing or analysis will similarly affect the spike isotopes, and so mass bias can be
corrected for mathematically using a series of equations in a three-dimensional data
reduction scheme (see Siebert et al. 2001 for more details). Addition of a double spike
also allows for the calculation of precise concentration data by isotope dilution (see Box
3.15), provided that the spike amount and the sample weight are known. A double spike
technique requires three isotope ratios (e.g. 56/54, 57/54 and 58/54 for Fe; Dodson 1963),
and so while it can be used for Ni, Fe, Zn and Cd, it is not suitable for Cu that only has
two naturally occurring isotopes. Use of a double spike is advantageous because it
accounts for matrix effects or rapid mass bias changes that can cause problems for



sample- standard bracketing, as well as accounts for any fractionation of isotope ratios
during chemical processing. Use of a double spike is not without challenges, however, as
the spike must be made (by purchasing high-purity single spikes as metal ingots or
compounds, dissolving and mixing them) and calibrated (see Box 3.15). If a multi-
element technique is being used, multiple double spikes must be ‘cleaned’ to prevent
contamination from the spike solution biasing other metal isotope ratios (e.g. Sun etal.
2021). Typically, such cleaning methods will involve scaled-up versions of the metal
purification approach used for seawater samples, but may require adjustments (e.g. Sieber
etal., 2019).

Different laboratory groups use slightly different approaches for analytical protocols,
but a typical analytical session at USF would begin by analysing a series of mixtures of
the ‘natural’ zero standard and the calibrated double spike at a range of concentrations
and ratios to check that the same delta value (ideally 0 £ 0.1%o) is obtained for the zero
standard across the range of intended sample compositions. For example, for Fe, these
solutions would be made from IRMM-014 and the double spike and typically take the
formof5:1,2:1, 1:1, 1:2 and 1:5 (natural/spike ratio) and 5:10, 10:20, 25:50, 50:100 and
100:200 (natural ng/g: spike ng/g) concentrations. After this, groups of 5-6 seawater
samples are analysed, with an IRMM-014:double spike mixture measured before and after
each group. Sample 5°°Fe values are then calculated using the double spike iterative
technique (Siebert et al. 2001) and subsequently expressed relative to the average (or
‘zero’) of the §°°Fe of the two mixtures.

Box 3.15: Double Spike Calibration

Once the double spike is purified, the three isotope ratios required for double
spike calculations must be established in both the natural zero standard and the
spike. The isotope ratios of the spike and natural metal must then be entered
into the double spike calculation scheme, which can then be used to correct for
instrumental mass bias in samples. Establishment or ‘calibration’ of the isotope
ratios in the spike and natural metal (usually in the zero standard) is not trivial,
however. The calibration process typically requires measurement of both
natural and spike solutions and then mathematical optimisation of the spike
composition by ensuring a set of natural-double spike mixture solutions
generate a delta of 0%o in the double spike calculation scheme. The spike
calibration process can either be carried out once, after preparation of the spike,
or more frequently if required. For use in concentration measurements in
samples via isotope dilution, the concentration of the spike must also be first
established by inverse isotope dilution with a concentration RM.

Uncertainty (Precision and Accuracy) on Trace Metal Isotope Ratios Uncertainty on
isotope measurement by MC-ICP-MS is typically expressed as a combination of
‘accuracy’ and ‘reproducibility’ (precision). Accuracy is influenced by mass bias and
interference corrections, with insufficiently corrected isobaric or polyatomic
interferences leading to significant inaccuracy (e.g. several %o) on isotope ratios.



Precision can be expressed as the internal statistics of a single MC- ICP-MS
measurement, where uncertainty arises principally from a combination of detector noise,
ion counting statistics and plasma flicker within the MC-ICP-MS (e.g. John and
Adkins 2010), or external precision that also includes any effects during sampling,
chemical extraction and interference correction, as well as day-to- day run variability. A
large and/or variable procedural blank to signal ratio can drive inaccuracy and reduce
precision. Different groups express accuracy and precision on isotope ratios using different
approaches, which are summarised here. In all cases, however, it is crucial to robustly
establish both types of uncertainty in order to assess data quality, before any data
variability can be interpreted.

Accuracy of §°°Fe, §°°Ni, 6%3Cu, §%Zn and §"**Cd in seawater can be assessed in
several ways: (1) measurement of the isotope ratio of a standard reference material (e.g.
Abouchami et al. 2013); (2) ‘doping’ a standard reference material into low-metal
seawater and then comparing obtained values to literature values (e.g. Bermin et al.
2006; Conway et al. 2013); or (3) comparing isotope measurements obtained by different
groups in reference seawater (e.g. SAFe) or at GEOTRACES crossover stations (e.g.
Boyle et al. 2012; Conway et al., 2016). The challenges of collection of sufficient volume
for multiple laboratories have restricted intercomparison, but efforts have taken place in
the Southern Ocean, North and South Atlantic and Southwest Pacific (Boyle et al. 2012;
Xue, et al. 2013; Xie, et al. 2019; Ellwood et al. 2020), and multiple groups have now
published Cd and Zn isotope ratios for the SAFe standards (e.g. Cd is summarised in
Sieber, et al. 2019). These exercises generally show good agreement between groups, but
highlight a need for more intercomparison, especially for low-concentration surface
samples for elements like Cd (Janssen et al. 2019).

To establish reproducibility on isotope measurements (also referred to as analytical
precision), there are several approaches which can be taken. The simplest is to look at the
internal statistics of a single ICP-MS analysis (the 2x standard error; 2SE), which
depends largely on the concentration for sample limited analyses—for example, for a set
of North Atlantic seawater samples, 2SE internal error varied from
~0.01%o for samples with high concentrations of Fe (>1 nM in 1 L) to 0.1%. for
low-concentration surface samples (~0.1 nM in 1 L; Conway et al. 2013). However, this
estimation of precision does not consider within run or run-to-run uncertainty, or
uncertainties associated with sample processing. A fuller assessment of precision
(external precision) is to calculate the 2x standard deviation (2SD) of the isotope ratio of
a sample by measuring multiple aliquots of samples that have been through complete
chemical processing and ideally measured over multiple analytical sessions (e.g. Bermin
et al. 2006; Xue et al. 2012; Ellwood et al. 2020). For Fe, external precision can be on the
order of 0.04 to 0.07%o (Conway et al., 2016 Ellwood et al. 2020). For seawater,
however, this approach is usually prohibited by the volume requirements of large
numbers of replicate samples (ideally 30+ samples). Instead, assessment of external
precision on isotope ratios for seawater samples commonly uses the 2SD of the isotope
ratio of replicate measurements of an isotope standard RM over multiple analytical
periods. Such external precision is typically greater than internal precision and on the
order of 0.03-0.09%o depending on element and laboratory. For example, while the
internal 2SE of a §°°Fe measurement at USF by Neptune MC-ICP-MS can be as low as
0.01 or 0.02%o, the 2SD of measurement of the NIST 3126 Fe reference material is
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0.04%o, equivalent to the 0.04%. established from replicate analyses of seawater at USF
(Sieber et al. 2021). As such, such estimates of external precision should typically be
quoted as the best estimate of uncertainty on a seawater measurement, unless the internal
error is larger (and then the internal error should be used; e.g. Sieber et al. 2021).

Trace Metal Speciation Measurement Techniques

Biological effects and the geochemical behaviour (solubility, reactivity, residence times)
of trace metals in the ocean are highly dependent on the physical and chemical speciation of
the metal of interest. Thus, measurements of dissolved metal concentrations alone may
not yield sufficient information for understanding the fate of trace metals in the ocean
(Gledhill and Buck 2012; Tessier and Turner 1995; Vraspir and Butler 2009). For marine
chemists, the redox speciation and organic complexation (including the free ion
concentration) of bioactive metals in the dissolved fraction are of particular interest to
better understand the toxicity, bioavailability and geochemical behaviour of trace metals
in natural waters (Achterberg et al. 2018; Hirose 2006). Chemical speciation refers to the
specific chemical form of an element, while speciation analysis is an analytical process
for identifying and/or measuring the quantities of a chemical species of interest. Though
redox speciation plays an important role in the cycling and fate of dissolved marine trace
metals, redox speciation is beyond the scope of this chapter, but some redox species can
be quantified in seawater samples (e.g. Boye et al. 2006; Bruland et al. 2014; Gledhill and
van den Berg 1995; Han and Pan 2021; Oldham et al. 2021; Padan et al. 2019; Sander et
al. 2009; Stumm and Morgan 1996). Here, we focus solely on the chemical speciation,
i.e. complexation, including free metal ion concentration (M*, with M being the metal of
interest) and the organic complexation of trace metals (ML, with L being the organic
ligand) in the marine environment (see Fig. 3.1). Inorganic metal complexation (MY, with
Y referring to, e.g. OH™, CO2 3, CI—, etc., Fig. 3.1) also exists but is not discussed in
detail here.

The speciation of many dissolved metals, namely, Fe but also Cu, Co, Mn, Zn and

Ni, in marine systems is controlled by complexation processes with organic binding
ligands, consisting of organic low molecular weight compounds up to large
macromolecules (Donat et al. 1994; Ellwood and Van den Berg 2000; Gledhill and
Buck 2012; Saito and Moffett 2001; Vraspir and Butler 2009; Whitby et al. 2018). The
organic ligands can form stable complexes with various metals, keeping them in solution
— thus both possibly inhibiting their biological uptake and/or reducing their adsorption to
particles and thereby removal from the water column (Gledhill and Buck 2012; Vraspir
and Butler 2009). For Fe, however, ligands can be a blessing, facilitating biological Fe
uptake in Fe-limited environments such as the HNLC regions (Hassler etal. 2011b).
Examples of organic metal-binding ligands are humic substances derived from terrestrial
humus, as well as thiols, siderophores and exo-polymeric substances (e.g. Hassler et al.
2011a; b; Hirose 2006; Velasquez et al. 2016; Velasquez et al. 2011; Vraspir and Butler
2009). Most organic ligands are, however, yet to be identified and their contributions
quantified. Similarly, the processes, sources, dynamics and driving factors of organic
metal-binding ligand complexation in the ocean are still poorly understood and are thus an



area of ongoing research (e.g. Buck et al. 2016; Campos and van den Berg 1994; Hartland
et al. 2019; Hirose 2006; Kleint et al. 2016; Lagleraetal. 2011; Laglera et al. 2020; Sander
et al. 2007; Whitby et al. 2020; Whitby et al. 2018). The quantitative characterization of
metal complexation with organic ligands is currently largely carried out via the estimation
of ambient organic ligand concentrations ([L]) and conditional stability constants

(logKf\‘d’Ed, with M being the metal of interest) of the metal-ligand complex via
electrochemical techniques, i.e. voltammetry (Henze 1990; Hirose 2006; Vraspir and
Butler 2009). Conditional stability constants reflect the strength of a complex between a
metal ion and an organic ligand at a specific temperature, pressure, pH, and ionic
strength. These conditional stability constants are complex specific and are thus an
important parameter to indirectly identify the character of organic ligands and their

ecological roles in the marine environment (Hirose 2006; Vraspir and Butler 2009) (see

Box 16 for more information on the characterization of ligands). For instance, lochN?Ed
are commonly divided into various classes; in the case of Cu-binding ligands two ligand

classes are usually distinguished, i.e. L1 referring to strong ligands (logk ICC‘L“S o >12 and

; ; nd . ;
up to 16) and L, referring to weak ligands (logKfC‘;L, o <12) (Croot et al., 2000; Vraspir

and Butler, 2009, Bundy et al., 2013; Muller and Batchelli, 2013,Whitby et al., 2018).

However, ligand classes with considerably lower logKg"C‘L“Ld o2+ have been quantified in

some studies of coastal and estuarine settings (e.g. Heller and Croot 2015; Sander, et al.
2015). Information about the nature of naturally observed ligand classes can be obtained

by comparison to measured logKf\j[’I‘id of known organic molecules studied in the
laboratory. Such a comparative approach can give a preliminary indication of the

prevalence of different marine organic ligands, for example actively and/or passively
produced by phytoplankton and/or originating from humic substances.

Box 3.16: Molecular Characterization of Metal-Binding Organic Ligands
Molecular characterization and quantification of naturally occurring marine
organic ligands in the ocean, while largely an emerging discipline, can be done
via excitation-emission matrix (EEM) fluorescence combined with parallel
factor analysis (PARAFAC) (Yamashita et al. 2011), nuclear magnetic
resonance (NMR) (Hertkorn et al. 2006; Rehman et al. 2017), high-
performance liquid chromatography mass spectrometry (HPLC-MS) (Boiteau
et al. 2016; Mawji et al. 2008; Velasquez et al. 2016) and Fourier transform
ion cyclotron resonance mass spectrometry (FT-ICR-MS) (Pohlabeln and
Dittmar 2015). Studies making use of such techniques have provided new
insights, for example, into the distribution and form of certain organic
binding molecules for Fe, Ni and Cu in the Pacific Ocean (e.g. Boiteau and
Repeta 2015; Boiteau et al. 2016; Bundy et al., 2018; Boiteau et al.,
2019), or to investigate siderophores associated with nitrogen fixers
(Gledhill et al., 2019). However, most of the methods for characterising and
quantifying marine organic- binding compounds are still in development or
refinement or limited to a small number of laboratories and yet to be widely
applied. As such, we do not provide a detailed discussion here but point
readers to the references above
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The following sections will focus on the description of the quantitative and semi-
qualitative voltammetric techniques which are widely used for trace metal speciation
analysis in the scientific community.

Voltammetric Techniques

Voltammetry can be used for measuring total dissolved concentrations of various trace
metals, but the efficiency of quantifying metal concentrations using voltammetric
methods lags behind ICP-MS techniques and is thus no longer extensively used.
However, voltammetric methods are nowadays still used to quantify the speciation of
various metals in marine waters both onboard ship and in the laboratory (Campos and van
den Berg 1994; Croot et al. 1999; Gerringa et al. 2015; Gledhill and van den Berg 1995;
Plavsic¢ et al. 2009; Rue and Bruland 1995; Ruzi¢ 1982; Saito and Moffett 2001; Van den
Berg 1982; Van Den Berg 1986). While other methods for metal speciation
determination in aquatic environments such as ion-selective electrodes (ISE), diffusive
gradients in thin films (DGT; see Sect. 3.3.1.2) and ion-exchange techniques (IET) exist
(Florence, 1986; Gerringa et al. 1991; Achterberg and Braungardt, 1999), voltammetry is
the most used method for metal speciation analysis due to its selectivity, its suitability for
ultra-low-concentration levels, particularly in saline waters (detection limit of 10 to 1072
mol L~=*) (Campos and van den Berg 1994; Croot et al. 1999; Gledhill and van den Berg
1995; Rue and Bruland 1995; Ruzi¢ 1982; Van den Berg 1982), and the fact that this
method needs no sample treatment such as salt removal. Voltammetric methods also have
the advantage that they permit the discrimination between the free ionic form of a metal
and a metal ion complexed with an organic ligand, including calculation ofiL] and logk$o™
of the prevalent metal ligand complexes (Gerringa et al. 2014;Hudson et al. 2003;
Omanovié et al. 2010; Omanovic et al. 2015; Pizeta et al. 2015; Rue and Bruland 1995;
Ruzi¢ 1982). These parameters can then be used to evaluate the reactivity (e.g.
bioavailability, toxicity, geochemical behaviour) of a trace metal of interest and thus lead
to interpretations of its fate in the water column.

The free and labile metal ion is usually defined as the ionic form of a metal,

e.g. Cu?* for Cu and Fe®** and Fe** for Fe, but can also include all forms of the metal which
are reactive or labile and can be detected by a particular analytical method (Henze 1990).
Thus, in practice, these forms often also include metals complexed by inorganic ligands
(Bruland et al. 2014). For voltammetry, the reactive species of a metal is specifically the
fraction that is readily reactive at a working electrode (Henze 1990) usually a mercury-
based electrode. The mercury (Hg) electrode was developed and defined by Jaroslav
Heyrovsky in the early 1920s (Zuman 2001) and further refined by Matson et al. (1965).
However, due to Hg being a chemical of major health concern, Hg electrodes are
currently being progressively replaced with other materials such as carbon or noble
metals (gold, silver, platinum) which are often modified with films, nanostructured
materials or reagents, to improve the selectivity and/or sensitivity of the analysis (Borrill
et al. 2019; Worsfold et al. 2019c). Voltammetry is a method based on current(redox)-
potential-response measurements in a three-electrode system—the working electrode, the
reference electrode and the counter electrode, which is also known as the auxiliary
electrode (Han and Pan 2021; Henze 1990). The registered analytical signal is the change
in the current-potential behaviour during a redox reaction of a metal of interest at the



stationary working electrode, which itself is immersed into an electro-active solution, e.g.
a saltwater sample (Henze 1990). The reference electrode is used as a reference for
measuring and controlling the potential of the working electrode (Henze 1990). The
counter electrode serves as a source or sink of electrons to balance the current observed at
the working electrode (Henze 1990).
nmm i §

Fig. 3.24 Photograph of an automated voltammetry set-up (left) and a three-electrode voltammetric cell
(right) (photograph credits: Dario Omanovi¢, Rudjer Boskovic Institute, Croatia)

The electron transfer between redox species at the working electrode and the counter
electrode generates a current which provides (1) quantitative information on the analyte of
interest, that is, the signal is proportional to the metal concentration, and (2) qualitative
information of the analyte since the potential where the signal is detected is analyte
specific (Achterberg et al. 2018; Borrill et al. 2019; Han and Pan 2021; Henze 1990). The
latter allows voltammetry to be used for mono-elemental or multi-elemental
determination. Many laboratories use a three-electrode configuration that is composed of
a hanging mercury drop electrode (HMDE) as the working electrode, an Ag|AgCI|3 M
KCl reference electrode and a glassy carbon or platinum counter electrode. In general, the
basic instrumentation for voltammetric measurements consists of a potentiostat (device
that controls the potential between the electrodes while measuring the resulting current
flow, i.e. the signal); a three- electrode cell, as described above; and a computer for
automated measurements and data acquisition (Fig. 3.24) (e.g. Achterberg et al. 2018;
Borrill etal. 2019; Han and Pan 2021; Henze 1990). The obtained signal is used to
estimate [L] and logk2™, which together with the metal concentration can be used to
calculate the free metal ion concentration of the analyte of interest.

Stripping voltammetry (SV) is a subdivision of voltammetry and constitutes the most
widely used voltammetric technique in electroanalytical chemistry since it is the most
sensitive electrochemical technique currently available (Achterberg et al. 2018; Borrill et
al. 2019; Han and Pan 2021; Henze 1990). The high sensitivity and selectivity of
stripping voltammetry are the result of the separation of the analytical technique into two
steps, that is, a pre-concentration step and a so-called stripping step. The pre-
concentration step consists of an electrochemical deposition of a metal species onto or into
the working electrode at a constant potential, necessary to isolate the metal of interest from
the matrix. This first step can involve either an anodic or a cathodic potential. This step is
followed by the second ‘stripping’ step during which the analyte of interest is ‘stripped’
back into the solution. The resulting current is proportional to the analyte concentration in



the sample (Achterberg et al. 2018; Borrill et al. 2019; Han and Pan 2021; Henze 1990).
Depending on the reduction or oxidation of analytes during the potential sweep, SV can
be classed as either anodic SV (ASV; oxidation with reductive pre-concentration step) or
cathodic SV (CSV; reduction with oxidative pre-concentration step) (see Box 3.17).
Currently, competitive ligand exchange-adsorptive cathodic striping voltammetry (CLE-
AdCSV) is the most widely used voltammetric method for metal speciation analysis,
especially in seawater matrices (Han and Pan 2021). The principle of this method is the
addition of a well-characterized artificial ligand (AL), establishing a competitive
equilibrium between the AL and the natural ligands (L) in a seawater sample (Achterberg
et al. 2018; Borrill et al. 2019; Han and Pan 2021; Henze 1990; Rue and Bruland 1995).

The AL forms an electrochemically active complex with the metal of interest, and
after titration with increasing concentrations of M, the natural [L] and logk™ can be
determined. The main advantage of the technique is its greater sensitivity compared to
conventional ASV and CSV and that the [M*] can be easily determined based on the M-
AL concentration (Borrill et al. 2019; Han and Pan 2021; Henze 1990; Ruzi¢ 1982; Van
den Berg 1982). Various synthetic ligands are available. For Fe, salicylaldoxime (SA;
Abualhaija and van den Berg 2014; Campos and van den Berg 1994; Rue and Bruland
1995), 1-nitroso-2-naphthol (NN; Gledhill and van den Berg 1994), thiazolylazo-p-cresol
(TAC; Croot and Johansson 2000) and dihydroxynaphthalene (DHN; Laglera et al. 2011;
van den Berg 2006) are commonly used ligands (Han and Pan 2021). Depending on the
ligand groups of interest, with respect to their logk®" , the analyst can choose the
appropriate detection window (D), with D being defined as the product of the
concentration of AL and the conditional stability constant of M-AL (e.g. Apte et al. 1988;
Laglera and Filella 2015).

Box 3.17: Metal Determination: ASV versus CSV

Both CSV and ASV are similar but differ in the nature and direction of the pre-
concentration and stripping steps, as well as in the metals that can be
determined (Han and Pan 2021; Worsfold et al. 2019¢). ASV is employed to
detect metal species that can be reduced, accumulated on and then reoxidized
from the surface of the working electrode under appropriate potentials (Han
and Pan 2021). Metals that can be determined by ASV are Pb, Cd and Zn in
natural waters. ASV-labile metal fractions include free metal ions,
inorganically bound metals and weakly organically bound metals (Achterberg
et al. 2018; Borrill et al. 2019; Han and Pan 2021; Henze 1990; Van Den Berg
1986), and thus the labile fraction obtained by ASV generally corresponds well
with the concentration of bioavailable metals (Han and Pan 2021). CSV is
widely used for the determination and speciation analysis of more than 30
elements that cannot be reduced on electrode surface and determined by ASV,
such as Fe, Co and Ni (Han and Pan 2021).

The following section describes in brief the analytical aspects and procedures of CLE-
AdCSV used by various marine laboratories for the analysis of Cu and Fe speciation. For
amore detailed description of the analytical steps and procedures, the reader is referred to
available literature belonging to the specific application including Rue and Bruland



(1995) and Campos and van den Berg (1994).

3.5.3.2 Voltammetric Analysis of Metal Complexation by Ligand Titration Using CLE-
AdCSV

Currently, the quantification of metal speciation ([L] and logk™) in discrete samples
is widely undertaken using a titration approach with an artificial ligand (AL), i.e. CLE-
AdCSV. The CLE-AdCSV method can be implemented for fresh or thawed unacidified
seawater samples. Briefly, a seawater sample is divided into typically 10-15 sub-samples,
which should be pipetted into trace metal clean and previously conditioned voltammetric
cups. Preconditioning of voltammetric cups with a matrix matched seawater sample,
including metal additions and buffer, is necessary to avoid adsorption of the metal of
interest on the cup wall prior to the measurements. First, the samples are generally
buffered to a method specific pH using a particular buffer. For Fe and Cu, the pH has to
be buffered to ambient seawater pH (~8.04) using, e.g. a borate buffer or a
HEPES buffer ((4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid; a zwitterionic
sulfonic acid buffering agent), to ensure efficient electrodeposition at the Hg drop (Borrill
et al. 2019). Lately, however, some methods have been introduced that quantify metal
speciation at natural pH without the need for buffer addition (Sanvito and Monticelli
2021). This step is followed by the addition of the AL of choice. Note that the added AL
must be in great excess (factor 1000 approximately) of the metal concentration of interest
to obtain reliable results. Typically, metal concentrations are quantified in sub-samples
using ICP-MS prior to the voltametric measurements. Before the AL addition, increasing
amounts of the metal of interest are added to the vials. After the addition of AL, buffer
and metal, an equilibration period (often overnight owing to slow Kkinetics) is applied
during which the naturally present ligands compete (i.e. equilibration) with the
synthetic ligand for the metal of interest in a controlled manner. Once equilibrated, the
metal speciation in the samples can be determined via CSV (see Box 3.18 and 3.19).

Box 3.18: Forward and Reverse Titration

It should be noted that the metal titration approach described here, also termed
forward titration, is suitable only for conditions where the natural organic
ligand concentrations exceed the dissolved metal concentrations in the sample,
which is the case for most oceanic conditions (Achterberg et al. 2018).
However, in estuarine, coastal and hydrothermal waters that receive significant
metal inputs, metal concentrations can exceed the natural ligand
concentrations and then a reverse titration rather than a forward titration has to
be applied, by increasing the concentration of the added ligand rather than the
metal concentration (Hawkes et al. 2013).

Prior to analysis, the sample may be de-aerated with an inert gas (N or argon) for at
least 2 min to remove reactive dissolved oxygen from solution in order to reduce
interferences of the reactive oxygen in the voltammogram and to improve the sensitivity
of the voltammetric determination (e.g. Campos and van den Berg 1994; Henze 1990;
Ruzi¢ 1982; Van den Berg 1982). No purge (e.g. Buck et al. 2007) or compressed air is



also used by some laboratories for some CLE-AdCSV methods including for Fe, e.g. with
SA (Abualhaija and van den Berg 2014) or DHN (Sanvito and Monticelli 2021). No purge
or compressed air is used in order to equilibrate the solution with the above standing
atmospheric pressure and/or avoid carbon dioxide removal and thus changes in sample
pH (Sanvito and Monticelli 2021). A deposition potential is then applied to the working
electrode to cause the analyte of interest to be adsorbed on the Hg drop. The solution is
commonly stirred during deposition to maximize electrode-analyte contact and to
decrease the diffusion layer of the Hg drop. The selection of the deposition potential
depends upon the analyte of interest and the redox process (reduction or oxidation).
Deposition times can be increased to acquire more sensitivity (distinctive peaks) or
decreased to avoid electrode saturation issues of high metal samples. Subsequently, the
sample is scanned in a certain potential range (cathodic or anodic) to strip the analyte of
interest from the electrode while measuring the resulting current. For quality assurance,
each measurement should be repeated at least two times, each with a freshly generated Hg
drop. The pH of each sample should be monitored in sample aliquots (the pH electrode
must not be immersed into the sample as it may introduce contamination), preferably
before the titration, to ensure reliable results—the efficiency of the electrodeposition at
the Hg drop is pH dependent. Once the titrations are completed, data transformation
allows the calculation of [L] and logK®" | in addition to the free aqueous metal
concentration (Omanovic et al. 2015; Pizeta et al. 2015; Sander et al. 2011; Wells et al.
2013). Data transformation can be facilitated using software packages such as proMCC
developed by Omanovi¢ et al. (2015) or the R-based software package developed by
Gerringa et al. (2014). Both system operation and data fitting require extensive training
of the analyst.

Box 3.19: Limitations of VVoltammetric Methods

While voltammetry remains an indispensable tool for evaluating metal speciation, this
method suffers from several limitations that can lead to significant misrepresentation of
metal complexation parameters in seawater samples. Some of the major issues and
uncertainties of the electrochemical method are listed below.

. The voltammetric technique works under the assumption that natural organic ligands exist
in well-defined classes, which can be operationally distinguished and measured
independently from each other (Town and Filella 2000). However, in complex and
heterogeneous natural saline waters, it is much more likely that a ‘ligand soup’ exists
without specific partitioning into different ligand classes (Town and Filella 2000).

. Itis largely assumed that metal-ligand complexation processes occupy a 1: 1 metal-ligand
stoichiometry (Omanovic et al. 2010), even though ligands with multiple binding sites
could be expected and might be more realistic (Tipping, 1998).

. Organic compounds, sulphides in hydrothermal samples and multiple prevalent metals
may shift or distort the stripping peaks for the analyte of interest. These problems can
often be minimized by adjusting the deposition time, changing the deposition potential or
adding a pre-treatment step. For instance, sulphide-rich hydrothermal samples can
undergo a pretreatment to remove acid volatile sulphides (AVS) from the sample
solutions, which improves the electrochemical measurement of the analyte of interest
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(Sander et al. 2007; Kleint et al. 2016; Cotte et al., 2018).

3.5.3.3 Data Quality Control for Trace Metal Speciation Measurements At present,
no reference material exists for the speciation of trace metals. Thus, method validation
is currently limited to measuring the repeatability and reproducibility of the procedure, i.e.
by measuring some samples in duplicate. In addition, it is recommended that the accuracy
of the voltammetric method be evaluated by measuring [L] of UV-oxidized seawater
samples spiked with a known amount of artificial ligand or humic acid using the
procedure described above (e.g. Gerringa et al. 2021a, b; Whitby et al. 2020, 2018).

Considerations of Data Quality, Inter-Comparability and Accessibility

Data produced by the marine trace metal community is critical to improve our current
understanding of the biogeochemistry of the ocean and its variability, to force models of
ocean biogeochemistry and thus enhance predictions for future ocean changes and to help
design effective data-driven management and mitigation strategies (Worsfold et al. 2019).
Further, biogeochemical data, including time series data, are becoming more and more
critical in informing climate modelers and climate-relevant decisions of governments and
the civic society, and thus, there is an urgent need for good practice and good quality data
using the FAIR principles (i.e. data has to be findable, accessible, interoperable and
reusable) (Tanhua et al. 2019; Worsfold et al. 2019). Now, national funding agencies and
journals often require that data is publicly deposited in online repositories, with attached
metadata and data quality assessments. Data quality assurance (accuracy, reproducibility;
see Sects. 3.5.1.4 and 3.5.2.3) is particularly important for trace metal research as many
commonly used methods and analytical techniques operate at or close to their limit of
detection, especially in open ocean waters (Worsfold et al. 2019). Since many techniques
are designed or customised by individual laboratories, metadata (information on, e.g. used
methods and procedures and availability of ancillary data) is also essential.

In order to achieve the best possible trace metal data, GEOTRACES recommends
intercalibration exercises including designated ‘crossover’ stations between expeditions,
the analysis of RM alongside samples and the practice of reporting overall uncertainty as
well as the internal instrumental precision (Cutter 2013; Worsfold et al. 2019). Crossover
stations are when multiple different expeditions occupy the same geographic location and
sample the water column, albeit at different times. Such crossovers are essential for
combining multiple expedition datasets into usable global GEOTRACES products.
Crossover stations allow intercomparison of the fidelity of sampling systems and/or the
analytical techniques used to measure metals of interest by different laboratories/groups
on different expeditions (e.g. Middag et al. 2015a, b). The fidelity of analytical
techniques can also be assessed by different laboratories on aliquots of the same sample
using different techniques (e.g. Middag et al. 2015a, b; Jensen et al. 2020). Such
intercomparison exercises, especially when using different sampling systems, test not
only inter-laboratory precision but also any uncertainty resulting from sample collection
and handling. For example, Jensen et al. (2019) compared Zn from full water column
profiles in the Arctic Ocean analysed by three different techniques by three laboratories



(two SeaFAST ICP-MS and one FIA) and found a RSD of 6% for the average of the three
methods, similar to the stated internal precision of those individual techniques. Similarly,
Middag et al. (20153, b) found that for the full water column of the North Atlantic, two
laboratories using ICP-MS largely statistically agreed within stated analytical precision,
except for the surface samples which was attributed to temporal variation between station
occupations. Strong agreement has also been found between laboratories in trace metal
isotope intercomparison exercises (e.g. Boyle et al. 2012; Conway et al. 2013), but the
field is less mature than that of trace metal concentrations due to the smaller number of
laboratories that routinely make these measurements, and the degree of agreement still
depends on the element being studied. VVoltammetric techniques are also seldom
intercalibrated owing to the time-consuming analysis technique and the small number of
laboratories routinely measuring metal speciation. However, published intercomparison
studies showed that consensus values could be largely obtained between different
laboratories and using different voltametric methods, but that the number of identified
ligand classes present and the groups of ligands resolved in a target sample need more
attention in future work (e.g. Bruland et al. 2000; Buck et al. 2016, 2012; PiZeta et al.
2015).

Going forward, continuing to include information on laboratory precision and
accuracy, combined with metadata and intercomparison between different laboratories
and sampling systems, will enhance the ability of the trace metal community to maintain
consistent data quality and to compare datasets obtained by different investigators using
different instruments, analytical protocols and/or techniques (Worsfold et al. 2019). In
fact, GEOTRACES requires evidence of data quality and intercomparison to be assessed
by a committee before data can be included in a publicly available GEOTRACES data
product, to ensure synthesized global datasets (Schlitzer et al. 2018). Such close attention
to quality control, combined with free public accessibility, means that GEOTRACES
datasets can serve as a reliable baseline to assess future change. GEOTRACES data and
derived insights will likely be an invaluable tool to develop diagnostic and predictive
models on the biogeochemical cycles that ultimately drive life on our planet that is
increasingly perturbed by anthropogenic influences.
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